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Flexible lipid nanomaterials studied by
NMR spectroscopy
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Our review addresses how material properties emerge from atomistic-level interactions in the case of

lipid membrane nanostructures. We summarize advances in solid-state nuclear magnetic resonance

(NMR) spectroscopy in conjunction with alternative small-angle X-ray and neutron scattering methods

for investigating lipid flexibility and dynamics. Solid-state 2H NMR is advantageous in that it provides

atomistically resolved information about the order parameters and mobility of phospholipids within

liquid-crystalline membranes. Bilayer deformation in response to external perturbations occurs over a

range of length scales and allows one to disentangle how the bulk material properties emerge from

atomistic forces. Examples include structural parameters such as the area per lipid and volumetric

thickness together with the moduli for elastic deformation. Membranes under osmotic stress allow one

to further distinguish collective undulations and quasielastic contributions from short-range

noncollective effects. Our approach reveals how membrane elasticity involves length scales ranging

from the bilayer dimensions on down to the size of the flexible lipid segments. Collective lipid

interactions of the order of the bilayer thickness and less occur in the liquid-crystalline state. Emergence

of lipid material properties is significant for models of lipid–protein forces acting on the mesoscopic

length scale that play key roles in biomembrane functions.

1. Lipid membranes as functional
nanomaterials

Biomembranes encompass proteins, lipids, and carbohydrates,
as well as cellular water, which collectively perform a formidable
array of cellular functions. From a physical perspective, this
synergy relies on special properties of membranes that emerge at
the nanoscale. The view of biomembranes as soft composite
nanomaterials1 is reinforced by modern-day experimental bio-
physical techniques2–4 that go beyond static X-ray crystal structures
of proteins and metabolites, giving new insights into pharmacology
and chemical biology. In particular, X-ray and neutron scattering
technologies as applied to lipid membranes have been insightfully
summarized.4,5 Here we provide a complementary review based on
solid-state nuclear magnetic resonance (NMR) spectroscopy, which
together with scattering methods enables a comprehensive picture
of membrane dynamics and function to be acquired. This gain in

fundamental knowledge can boost applications not only to
medicine and drug delivery, but also in the manufacturing of
new nanomaterials.

The basic forces that preserve biological structure and
control atomic motions in macromolecules are well known.6

They include hydrogen bonding, electrostatic, and van der
Waals interactions, together with the hydrophobic effect. The
forces mentioned above are weak, because their associated
energies are comparable to the thermal energy at ordinary
temperatures. That is why most biological matter is ‘‘soft’’ near
physiological temperature.1 Strong forces like those exerted by
covalent bonds are usually not broken when a protein changes
conformation, or when a lipid phase transition occurs. Under-
standing how the weak forces underlie the functional dynamics of
biological macromolecules—and how the membrane properties
emerge from the atomistic-level interactions—is currently the
subject of intense interest by many researchers. Accordingly, our
perspective is to develop insight into how the forces in molecular
dynamics (MD) simulations lead to membrane structure as
observed by spectroscopic and scattering methods. In a subsequent
step, one can inquire how the spectroscopic and scattering
observables are related to properties of the lipid membrane.
These material properties are characterized by geometric (struc-
tural) parameters including the average cross-sectional area per
lipid and the bilayer thickness, along with the response to an
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external force, expressed by deformation moduli such as the
bending rigidity and lateral compressibility.7 More broadly, the
curvature stress field of the membrane comes into play, as
formulated by the monolayer spontaneous curvature and the
associated moduli for bending and Gaussian curvature using a
language of shape.1

Weak interactions underlie characteristic properties of biomem-
branes. The emergence of the material properties of lipid
membranes is fundamental to quantitative biophysics, for example,
in theoretical descriptions of protein–lipid interactions using a
flexible surface model (FSM),8 or hydrophobic matching.9 On the
other hand, not all the relevant structural and material quantities are
accessible from empirical measurements. Particularly significant is
that accurate membrane structural parameters are needed for

computer simulations of lipid bilayers10 and biomembranes.11

As reviewed here, experimental validation from NMR spectroscopy
is provided by order parameter profiles for acyl chains due to the
pressure field within the membrane. Additional knowledge is
acquired from complementary methods such as X-ray or neutron
scattering, which furnish density profiles of either electron or
nuclear scattering lengths. For investigating lipid interactions, here
we aim to achieve detailed insights into the energy landscape, i.e.,
the multidimensional hypersurface that describes both the
structure and dynamics of membranes. The journey from these
observables to material parameters is far from effortless, but it
has been mapped to a significant extent as reviewed here.

From a theoretical perspective, the following avenues are
possible in studying lipid membranes quantitatively: the first
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involves either all-atom molecular dynamics simulations10,12,13

or coarse-grained models.14–17 The other entails a continuum
description, whereby atomistic information is relinquished in
favor of a reduced number of material constants. The two
approaches are highly synergistic, and together they allow us
to investigate how atomistic or molecular-level forces underlie
the emergence of collective properties over larger scales.18,19

Such a composite approach dovetails with theoretical efforts
involving multiscale simulations20 by Marrink et al.,17 Voth
et al.,16 and others. As introduced for liquid crystals, solid-state
2H NMR order parameters21 give a practical link between the
membrane force field and the mesoscopic or thermodynamic
properties of lipid membranes. Important further information
about the dynamics of the membrane lipids is acquired from
NMR relaxation measurements.22 By combining spectroscopic
and thermodynamic approaches, we gain insight into how
the lipid self-assembly leads to the emergence of membrane
properties at the mesoscopic scale.

Such a material science view of biomembranes becomes
especially instructive when considering what materials do: they
deform in response to external forces, particularly when they
are soft. Notably, solid-state 2H NMR spectroscopy23 uniquely
informs the question of whether bilayers distort significantly
or not under biologically relevant forces, e.g., osmotic or
hydrostatic pressures. Here we focus on statistical mechanical
approaches for calculating membrane structure and dynamics
with spectroscopic methods.24,25 Using force-based procedures
together with NMR technology, one can establish the response
of the material at an atomistic level,26 as further described
below. At the ultrasmall length scale, lipid membranes are
collections of atoms whose fluctuations can be traced in
exquisite detail by molecular dynamics trajectories.27–30 The
significance is that MD simulations encapsulate the observables by
the potentials and forces that allow molecular properties to be
investigated when observational approaches are challenging.31–35

The force fields used in dynamics trajectories integrate the data
from diverse experimental techniques.36,37 Indeed, molecular
simulations32 contribute strongly to our current understanding
of biological lipids, as shown by the pioneering work of Martin
Karplus36 and Richard Pastor et al.,38 together with studies of
lipid–protein interactions by Klaus Schulten39 and others.16,40,41

When considering the molecular interactions, first we recall
that the membrane flexibility involves an unimaginable number of
degrees of freedom. They span a wide range of length scales, from
large domains on the order of hundreds of nanometers on down to
the size of the lipid segments.42 But at cellular dimensions, lipid
membranes are continuous hydrophobic barriers. Together with
membrane proteins, they enable key functions such as cell
signaling, energy transduction, and membrane trafficking to
occur. Remarkably, these length scales differ by 103–104 orders
of magnitude. Somewhere in this huge range, material properties
emerge from the proteolipid ensemble and the associated water
molecules (Fig. 1). Here we show that solid-state 2H NMR spectro-
scopy gives an unprecedented experimental access into this pro-
blem when measurements are performed at various hydration
levels.26 In our approach, we distinguish regimes where collective

undulatory and quasielastic repulsive forces operate from those
where short-range molecular protrusions can occur between the
apposed bilayers. The general principle is that a continuum
description of deformations is valid over nearly the entire range
of relevant length scales. Particularly the emergence of quasielastic
lipid interactions on the order of the bilayer thickness and less
supports the applicability of a continuum flexible surface model43

to lipid–protein interactions.44

Lipid membranes are soft materials deformed by external
forces. Our emphasis in this article is mainly on the planar,
lamellar lipid phase, in which the structural properties are the
bilayer thickness, molecular area at the lipid aqueous interface,
and the corresponding moduli for bilayer deformation (Fig. 2).
For analogous discussions of lipid polymorphism and curvature
see ref. 1, 44, and 45. Membrane lipid–protein interactions are

Fig. 1 Hierarchy of relevant dimensions showing (a) biological cells at
large scales, (b) lipid membranes with embedded proteins at the inter-
mediate (meso)scale, and (c) lipid bilayer at the molecular and atomic
scale. Colored spheres indicate the lipid polar head groups in contact with
the aqueous medium, and flexible brush-like strings depict the nonpolar
chains within the bilayer core. The lipid bilayer provides a barrier to the
movement of ions and polar molecules across the hydrophobic interior,
and serves as a fluid-like solvent for membrane proteins.

Fig. 2 Solid-state 2H NMR spectroscopy and small-angle X-ray scattering
reveal structural measures of the lipid bilayer. The lamellar organization
of the phospholipid membrane is shown with the pertinent structural
quantities. The lamellar repeat spacing D = DW + DB is the sum of
the interlamellar water distance DW = 2DW/2 and the bilayer thickness
DB = 2(DH + DC), where DC is the hydrocarbon thickness per bilayer leaflet,
and DH is the head group thickness. For liquid-crystalline bilayers, the
average cross-sectional area per lipid hAi together with the number of
lipids (NL) gives the membrane surface area. Determining these structural
quantities under external stress provides an experimental view of mole-
cular forces within lipid membranes.
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due to the so-called hydrophobic matching (involving bilayer
thickness, area per lipid, and compressibility), as well as curvature
matching (spontaneous curvature and bending rigidity) to the
proteolipid interface. Conventional thinking often centers on the
role of proteins, and completely neglects the lipids and associated
water, which comprise the so-called soft membrane matter.1 But
experiments yield clear evidence for significant and necessary con-
tributions of bilayer shape changes to membrane function.1,8,46,47

Such deformations are measurable upon dehydration under
osmotic stress, and reveal the strength of the forces responsible
for membrane structure and assembly. They include van der
Waals attractions,48 as well as repulsive membrane undulations,49

hydration forces,50,51 and protrusions of the lipid molecules.52,53

These interactions are pertinent to understanding general features
of membrane properties, such as mechanosensitivity,54,55 as
well as the activation of G-protein-coupled receptors (GPCRs)
and ion channels.1,46,56 In fact, membrane proteins carry out
their functions within the stress field of the lipid bilayer,
wherein conformational changes are necessarily connected
with the work of bilayer deformation.8,57,58 These aspects are
relevant to lipid–protein interactions and cellular membrane
remodeling, as discussed below.1,8,59

2. Lipid bilayers—more than barriers?

Our understanding of lipid properties has been developed over the
years through application of various measurement techniques,
together with theoretical models.60–63 Current research is generally
focused on the types, rates, and amplitudes of the lipid
motions,22,64–66 as well as the energetics of the underlying
phase transitions and polymorphic behavior.67 Nonlamellar
phases in which membrane curvature is visibly manifested are
also of interest, due to the role of curvature forces in lipid–protein
interactions,1 as well as crystallization of membrane proteins.68–70

Research shows that proteins embedded in or spanning the
membrane bilayer (integral membrane proteins) are significantly
impacted by properties of the lipid matrix.8,26,43,58,59,71,72

Chemically nonspecific material properties of the lipids in their
crowded environments with membrane proteins can govern the
cellular functions.26,43,58 Furthermore, the effects of specific
lipid interactions due to hydrogen bonding, electrostatics, or
van der Waals interactions can come into play.72,73

As a result, we are led to address the following questions:
(i) solid-state NMR and molecular spectroscopy in general are
based on quantum mechanics, and thus are inherently atomistic.
How can we understand the length scale over which the atomic-
level interactions captured in the MD force fields lead to the
continuum material properties of the lipid nanostructures?
(ii) What is the relation of the atomistic observables from NMR
and molecular spectroscopy to the collective properties of lipid
nanomaterials? (iii) Is the lipid membrane just an inert barrier and
solvent of membrane proteins, or does it actively participate in
cellular functions? (iv) Which approach is most informative to
explaining cellular function—an atomistic view or a continuum
picture? These topics are addressed in membrane biophysics by

experimental and theoretical research involving NMR spectroscopy,
within the broader context of liquid crystals and surface chemistry
and physics.

2.1 Multiscale structural fluctuations in fluid lipid
membranes

Traditionally lipid bilayer structure and membrane interactions
have been investigated by diffraction techniques, such as small-
angle X-ray60 and neutron74,75 scattering as applied to freely
suspended samples. But scattering data from fluid lipid mem-
branes are limited to a small number of diffraction orders,
representing correlations at large distances,76 unless heroic
methods (hydration chambers) are used to prepare and stabilize
oriented lipid multilayers. Additional methods that operate at
large length scales entail optical microscopy of fluorescently
labeled membrane components.58,77,78 These and related tech-
niques are often used to provide information about domain
formation in large unilamellar vesicles58,79–81 or substrate-supported
lipid membranes.82,83

Membrane lipid studies combine spectroscopy with X-ray and
neutron scattering techniques. To expand the range of accessible
length scales,19,66 in lipid biophysics the spectroscopic and
scattering approaches can be further integrated.25 Measure-
ments as a function of hydration and temperature can identify
regimes of membrane deformation spanning 2D undulatory
motions and quasielastic 3D fluctuations involving short-range
perturbations. Solid-state 2H NMR spectroscopy is especially
informative, as it gives information on orientational order at an
atomistic level that is complementary to the positional order
furnished by X-ray and neutron scattering methods.25 Because
solid-state 2H NMR yields knowledge of both average structure
and dynamics, it can fill the gap between a molecular picture
and the stress fields of the lipid nanostructures. Notably the
length scale at which material properties such as viscoelasticity
or mechanosensitivity emerge from molecular interactions falls
intermediate between the atomic and macroscopic—hence it is
called mesoscopic.66 As biological membranes include not just
proteins but also the lipids, water, and carbohydrates, the
snapshots from protein X-ray crystallography are insufficient
for a full description. In fact, membrane proteins carry out their
functions within the stress field of the lipid membranes, which
are soft, liquid-crystalline assemblies with surface shaping
properties.43,84–86 Compared to the isotropic media of soluble
proteins, the bilayer pressures are highly anisotropic, which
affects the energetics of conformational states of proteins
within membranes, e.g., as in the case of ion channels, GPCRs,
and membrane transporters.8,43 But how do we go about
describing membrane systems at the mesoscopic level? Here
we show that such a description is possible based on experi-
mental observables from solid-state NMR spectroscopy, in
which well-established concepts from surface chemistry and
physics are introduced for lipid membranes.

2.2 Membranes as liquid crystals

From a material science perspective, lipid bilayers are liquid
crystals—they are ultrathin elastic materials7,18,19,87,88 that
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undergo significant deformation in response to external forces.
Indeed lipid membranes share many features in common with
other liquid crystals,89,90 and their study by NMR gives quantitative
measures of the physical properties.22–24,91,92 Especially solid-
state 2H NMR spectroscopy along with X-ray and neutron
scattering techniques are at the forefront of membrane lipid
biophysics.4,25,60,93 Combining these methods overcomes the
ambiguities associated with X-ray scattering methodologies
used to evaluate membrane deformation.24,25,94,95 Physical
properties, such as the effective acyl chain length and the average
chain cross-sectional areas of phospholipids in the liquid-crystalline
(La) phase are investigated using simple statistical models,24 as
further discussed below.

One of our aims in this review is to explain for the general
reader how statistical mechanics can be applied to calculate
membrane structural properties from spectroscopic data. We
highlight the utility of solid-state 2H NMR spectroscopy23 as a
measurement tool that can be integrated with X-ray60,76 and
neutron scattering4,96,97 and other spectroscopic techniques for
studying membrane deformations and molecular fluctuations.26,98,99

A comprehensive view of membrane forces includes how external
variables such as osmotic26,100 and hydrostatic101 pressures cause
structural and dynamical remodeling of the bilayer matrix.1,8 With
the availability of information about membrane dynamics from
both experiments22,102 and simulations,28,29,103 the molecular
picture can be useful as a counterpart to representing lipid
bilayers in terms of a stress field.104 On the other hand,
membrane organization and lipid–protein interactions are
significantly affected due to the bilayer deformation and
membrane shape fluctuations, which in turn can affect key
cellular functions.8,105

Lipid interactions with the aqueous solvent affect their liquid-
crystalline behavior. Our approach takes advantage of existing
knowledge of the physics of smectic and nematic liquid crystals,
in which thermodynamic properties are related to internal
stresses generated by anisotropic interactions.53,106–112 In
Fig. 3, we show some examples of phospholipids and cholesterol
that are representative of biomembrane constituents having
both structural and functional roles. Upon hydration, phospho-
lipids form multilamellar structures, with a repeat unit cell that
corresponds to the lipid volumes on either side of the bilayer
midplane, plus the associated water.24,60,113 In liquid-crystalline
membranes, the lipid head groups (phosphate groups are shown
in Fig. 2 as a filled spheres) are localized at the water interface in
a region of thickness DH on either side of the membrane. When
the unit cell is centered at the bilayer midplane, see Fig. 2, there
are two water regions with thicknesses denoted by DW/2 and a
hydrocarbon region of thickness DC occupied by the acyl chains.
Additional structural parameters are the bilayer thickness
DB and hAi, the cross-sectional area per lipid. By osmotically stressing
the membrane, one can suppress the collective lipid motions
ranging from long wavelength undulations106 to mesoscopic
collective motions,18,114 and ultimately to short-range protrusion
forces as discussed by Håkan Wennerström and Jacob
Israelachvili.53,115 The details of how these structural and dynamical
parameters are defined and calculated will be given below.

3. Biomembranes in surface chemistry
and physics

The approach and results highlighted in this perspective are
multifold: they investigate membrane deformation, discern forces
that affect protein-related activities of cellular membranes, and
foster the development of atomistic MD simulations. Our broad
aim is to explain the use of solid-state 2H NMR spectroscopy for
investigating structural distortions of lipid bilayers induced by
external forces. Fundamental concepts of membrane organization
and function come from integrating knowledge of statistical
physics and thermodynamics with observables from 2H NMR
spectroscopy23 and alternative scattering techniques.3,60 Experi-
mentally, membrane lipids are studied in vitro as freely suspended
bilayers, as supported samples on solid substrates (planar,
cylindrical, or spherical geometry), or as unilamellar vesicles.
The applications described herein mainly involve unsupported
membrane bilayers in the liquid-crystalline (ld) state above the
order–disorder phase transition temperature.23,67 Measure-
ments of the structural deformations of membranes under
various conditions of osmotic stress have been the focus of

Fig. 3 Biomembranes are composed of lipids, cholesterol, and proteins
within a hydrated cellular environment. Examples of glycerophospholipids
are shown for zwitterionic phosphocholine (PC) and phosphoethanolamine
(PE) head groups, and for the anionic phosphoserine (PS) head group.
Sphingomyelin (SM) is representative of a sphingophospholipid with a
phosphocholine head group and an N-acylated sphingosine backbone
(ceramide). The polar head groups vary in size, hydrogen bonding, and
charge. Nonpolar acyl chains differ in their length and degree of unsatura-
tion, as illustrated by myristic acid (14:0), palmitic acid (16:0), and oleic acid
(18:1o-9) groups. Cholesterol exemplifies the large class of steroid com-
pounds. Representative lipid chemical structures from top to bottom are
indicated: 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC); N-palmitoyl-
D-sphingosine-1-phosphocholine or N-palmitoyl-sphingomyelin (PSM);
1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoethanolamine (POPE); 1-palmitoyl-
2-oleoyl-sn-glycero-3-phosphocholine (POPC); 1,2-dimyristoyl-sn-glycero-3-
phosphoserine (DMPS); and cholesterol.
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X-ray diffraction studies since the early work of Luzzati et al.,116

and subsequently Rand117 and Parsegian et al.118 Because
solid-state 2H NMR spectroscopy has only rarely been used for
osmotic stress studies,100 one of the goals of our review is to
highlight the usefulness of the method. In this context, 2H NMR
also plays a very important role in validation of molecular
simulations.

3.1 Deuterium NMR spectroscopy and membrane structure

As a unique and robust experimental tool, solid-state NMR is
widely used to study molecular structures, phase transitions,119

and dynamics26,102,120,121 of matter in its various states. Examples
include crystalline, noncrystalline, or amorphous materials like
superionic compounds,122–124 glasses,125 ceramics,126 polymers, lipid
membranes,127 DNA fibers,128,129 amyloid fibrils, and membrane
proteins.102,130 In solid-state 2H NMR spectroscopy, angular fluctua-
tions are detected, which are related to positional order through the
orientational distribution functions. Coming now to membranes,
the lipids are often studied as freely suspended multilamellar
dispersions in water, or alternatively, aligned on solid supports with
planer, cylindrical, or spherical geometry. Knowing how the spectral
couplings depend on the orientation of the lipid nanostructure with
respect to the laboratory axes system enables analogous information
to be acquired from freely suspended bilayers and aligned
samples.23 The mobility of lipids and their physical interactions
with other membrane constituents, as well as proteins and nucleic
acids64 having important roles in biology, are accessible by solid-
state NMR methods at the atomistic level.

Structural and material properties of lipids are investigated by
solid-state NMR spectroscopy. Compared to alternative diffrac-
tion methods, NMR detects both lipid membrane structure and
mobility.23 It manifests solid-like and liquid-like features of the
molecules.131 Solid state NMR has the advantage that the
anisotropic magnetic or electric couplings (dipolar, quadrupolar,
chemical shift)23 yield segmental order parameters as model-free
experimental observables.22 The disadvantage is that the broad
spectral width requires special high-power NMR technology, and
rather large amounts of sample material are needed. Motional
averaging of the couplings (dipolar, quadrupolar, chemical shift)
occurs on a characteristic timescale (given by the inverse aniso-
tropy of the angular-dependent couplings, which for 2H NMR is
B10�5 s). Still, the anisotropic electric or magnetic couplings are
not completely averaged to zero, e.g., in the case of residual
dipolar couplings (RDCs) or residual quadrupolar couplings
(RQCs).23 As a result solid state NMR determines the bond distances
and angles as well as electronic structure and dynamics. By contrast,
in solution NMR the anisotropic interactions are averaged over
all space, leaving the scalar (indirect or through-bond) dipolar
couplings and chemical shifts that inform bonding connectivity
and electronic structure in molecules.132 Distances are obtained
through relaxation and nuclear Overhauser (NOE) measurements,
and the dynamics include conformational exchange as discussed in
standard texts.132

The reader should note the term ‘‘solid-state NMR’’ does not
mean the sample is a rigid solid—it refers to the nonzero
averaged electric or magnetic couplings (dipolar, quadrupolar,

chemical shift).131 It only means that the sample is not an
isotropic liquid, where complete averaging occurs. For an
immobile solid, the rigid-lattice or static NMR spectrum is
measured, with essentially no averaging of the electric or
magnetic couplings, as in single crystals or polycrystalline
samples. With a single crystal, the second-rank tensorial
couplings afford information about bond distances and angles,
as well as electronic structure.23 For polycrystalline solids,
knowing how the angular interactions transform with respect
to the crystal and the laboratory frames allows equivalent
information to be obtained. As an example, in solid-state
2H NMR spectroscopy, deuterium (2H) is substituted for
hydrogen (1H), and it is mainly orientational order that is
measured.21,22 To obtain position-dependent molecular structure
requires the introduction of mathematical models.24 Alternatively
magic-angle spinning (MAS) 13C NMR methods allow the
13C–1H distances to be acquired directly.22,133,134 For a given lipid
sample geometry, similar information is obtained for nonaligned
specimens, and for supported aligned bilayers in analogy to
molecular solids.

When applied to membrane lipids, solid-state 2H NMR
reveals knowledge about both the orientational order, i.e., the
amplitude of the segmental or molecular motions as well as the
dynamics. The advantage of studying freely suspended, random
multilamellar lipid dispersions is that angular-dependent spectral
couplings are readily measured. By introducing spectral deconvolu-
tion methods (so-called de-Pakeing),23 we obtain the oriented
subspectrum corresponding to an aligned sample, e.g., for
bilayers aligned on planar or cylindrical supports. Accordingly,
in random or aligned lipid multilamellar dispersions, those
motions faster than the inverse of the coupling anisotropy
give an average (residual) interaction. The segmental order
parameters are obtained by comparison to the static value of
the anisotropic coupling. Additional slower motions give an
inhomogeneously broadened lineshape, arising from various
orientations of the bilayer with respect to the laboratory axes
defined by the external magnetic field.23 For small unilamellar
vesicles, their overall reorientation completes the averaging of
the anisotropic couplings,18 leaving the scalar couplings and
isotropic chemical shifts. Residual couplings or order para-
meters are not directly measured as with solid-state 2H NMR
spectroscopy; and hence only the chemical shifts, scalar cou-
plings, and relaxation parameters are observed.

Deuterium NMR order parameters enable calculations of biomolecular
structure and dynamics. In solid-state 2H NMR spectroscopy, evalua-
tion of the membrane structural parameters—such as the bilayer
thickness and area per lipid—rests upon the analysis of segmental
order parameters (SCD), which are obtained from the residual
quadrupolar couplings of the lipids. Relatively simple statistical
models are then used to calculate the average area per lipid hAi
and related structural quantities that are applicable to bilayer
remodeling and molecular dynamics simulations. Our approach
has the advantage that the 2H NMR observables are directly
connected to the stress field of the lipid bilayers. Besides
structural studies, 2H NMR spectroscopy is used to probe
orientational fluctuations of the lipid molecules, which is highly
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complementary to X-ray and neutron scattering.4,60,96 For example,
in X-ray scattering, logarithmically varying positional correlations
generate scattering peaks with long tails due to collective
membrane fluctuations (e.g., undulations).25,135 Use of NMR
spectroscopy thus affords a powerful means of investigating the
structural and material properties of membrane lipids and
biomembranes.

3.2 Solid-state NMR and scattering techniques for studies of
membrane liquid crystals

As mentioned earlier, lipid membranes are often studied as freely
suspended multilamellar dispersions, as bilayers supported on
planar136 or spherical substrates,137 within aluminum oxide
nanotubes,138,139 tethered or aspirated into micropipettes,7,140

or as small unilamellar vesicles.18,114 With solid-state NMR
spectroscopy, multilamellar dispersions of the lipid membranes
are investigated, or alternatively, bilayers are aligned on planar
substrates.141,142 Likewise studies of lipid membranes on spherical
supports143 as well as bilayers contained within cylindrical
nanotubes138 are useful for various applications. Most experiments
are conducted in the liquid-crystalline state (ld) above the order–
disorder phase transition, with further research involving the low
temperature gel phase (solid-ordered, so)144–146 and cholesterol-
containing phases (liquid-ordered, lo).147,148 Here we are interested
in extracting quantitative structural information from solid-state
NMR measurements of unsupported multilamellar dispersions of
phospholipids in the liquid-crystalline state, e.g., by focusing on the
area per lipid at the aqueous interface. Additionally, we aim to
integrate the results with small-angle X-ray scattering (SAXS) studies
and MD simulations to achieve new insights. In the case of
scattering methods (SAXS and small-angle neutron scattering,
SANS), lipid membranes are investigated as multilamellar disper-
sions or aligned on planar substrates, enabling comparisons with
solid-state NMR spectroscopy.

Liquid-crystalline assemblies of membrane lipids have a well-
defined unit cell. The snapshot in Fig. 2 represents a portion of a
membrane lipid bilayer, in which the water molecules surround
and partially penetrate the membrane from the lipid head
groups to the level of the glycerol backbone.149,150 The unit cell
comprises two of the opposed lipid molecules, plus one-half the
water layer thickness on either side of the bilayer. This unit cell
view of the lipid membrane is useful for evaluating the struc-
tural information from 2H NMR spectroscopy. Structurally, the
unit cell dimension D is written as a sum of the average bilayer
thickness DB and the average thickness DW of the water
region.24,151 The bilayer thickness is further subdivided into
the head group (DH) and hydrocarbon (DC) contributions,

D = DB + DW = 2(DC + DH) + DW. (1)

The cross-sectional area per lipid hAi is related through the total
volume V of the lipid unit cell, as given by

hAi = V/D. (2)

The volume is separated into lipid and water contributions as
V = 2VL + 2NWvW, where NW denotes the number of water

molecules per lipid. Practically, the decomposition serves to
define the volume per lipid molecule60 as

VL ¼
V

2
�NWvW; (3)

where vW denotes the volume of a water molecule as measured
in the bulk. This separation is fully consistent with measure-
ments of lipid volumes by buoyancy methods,152 and avoids the
ambiguities for volumetric assignments at the lipid–water
interface.153 Both the SAXS and NMR analyses of structural
parameters also consider the decomposition VL = VH + 2VC,
where VC and VH are the volumes of one of the hydrocarbon
chains (assumed identical for chain-symmetric lipids) and the
lipid head group, respectively (see Fig. 2). Hence, we are left
with the hydrocarbon thickness DC, which is related to the
hydrocarbon chain volume VC through

DC = 2VC/hAi. (4)

Although the hydrocarbon region of lipid bilayers can deform,
its volume remains practically constant, except under extreme
external pressures.24

Solid-state NMR spectroscopy and diffraction methods entail
synergistic biophysical technologies. As an illustration, the solid-
state 2H NMR spectrum and SAXS electron density profile are
compared in Fig. 4 for a representative lipid membrane in the
liquid-crystalline (ld) state.23 The major distinction is that the
2H NMR spectrum in Fig. 4(a) reports on the individual sites of
deuteration along the lipid acyl chain, while the electron
density profile in Fig. 4(b) entails lower spatial resolution. It
is important to recognize that solid-state NMR methods such as
2H NMR21,23,154 or 13C separated local-field NMR methods133,155

inform the orientational order of the individual segments, while
SAXS and SANS measure the positional order at lower resolution,
corresponding to dimensions on the order of the bilayer thick-
ness or the interlamellar spacing. Solid-state 2H NMR gives us
the orientational order parameters of the flexible lipid segments
as model-free experimental observables.18,21,26 Studies using
solid-state NMR spectroscopy and X-ray scattering have uncov-
ered significant deformation of lipid membranes due to inter-
bilayer forces associated with changes in hydration.26

In the solid-state 2H NMR spectrum of the fully hydrated
dispersion of 1,2-diperdeuteriomyristoyl-sn-glycero-3-phosphocholine
(with perdeuterated acyl groups) in Fig. 4(a), the number of carbons
in the acyl chain is nC = 14 where i = 2–13 corresponds to the various
methylene segments, and i = 14 designates the terminal methyl
group. For the DMPC-d54 bilayer, we can calculate the residual
quadrupolar couplings for the various carbon–deuterium segments
along the acyl chain156 directly from the experimental spectrum. The
RQCs (hence order parameters) are connected with the average
bilayer structure in terms of the amplitude of the orientational
fluctuations of the lipid segments (details are provided in the next
section). Estimates of physical properties such as the effective acyl
chain length and average chain cross-sectional areas of phospholi-
pids in the liquid-crystalline (La) phase can then be made in terms of
simple statistical models.24
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The results of solid-state NMR spectroscopy in Fig. 4(a)
versus alternative structural methods such as X-ray or neutron
small-angle scattering5,60,158 illustrate some of the pros and
cons of the different biophysical methods. For the comparative
example of bilayer electron density in Fig. 4(b), the SAXS data
are limited to a small number of diffraction orders, because of
fluctuations in the fully hydrated fluid phase bilayers. Molecu-
lar disorder gives ensemble electron density profiles with broad
features, where the prominent peaks arise from the electron-
rich phosphate groups, and enable the head group-to-head
group distance (DHH) to be ascertained. The smaller electron density
between the head group peaks characterizes the hydrocarbon core of
the bilayers, wherein the dip in the center is due to the low electron
density of the terminal methyl groups of the fatty acyl chains. The
electron density profile characterizes the bilayer structure, and gives
us a direct measure of its thickness in terms of the DHH distance
corresponding to the head–head separation. Small-angle X-ray scat-
tering only establishes the locations of the phosphate groups; so to

obtain the z-coordinates of the other segments, neutron diffraction
studies of selectively deuterated lipids or heavy water are needed.2,159

But the transverse description of the bilayer organization is still
lacking in terms of the area per lipid hAi. One approach to obtaining
the value of hAi involves a gravimetric X-ray technique, often called
the Luzzati method.160 Knowing the lipid molecular volume from
dilatometry measurements,161 together with the lamellar repeat
spacing (D) and the gravimetric number of water molecules (Fig. 2),
enables the average area per lipid at the aqueous interface to be
determined. We shall return to this point later.

3.3 Combination of deuterium NMR spectroscopy with small-
angle X-ray scattering

Small-angle X-ray and neutron scattering methods are often
considered as the gold standard for obtaining structural infor-
mation on membrane nanostructures.2,3 For lipid bilayers,
scattering technologies are typically used for multilamellar
lipid systems that produce sharp scattering peaks.25,135 In SAXS
measurements, the interlamellar repeat spacing D can be
measured from the Bragg scattering peak intensity as a func-
tion of incident angle. If sufficient diffraction orders are
available, then the electron density profile can be constructed,
see Fig. 4(b). Although electron density profile calculations are
limited by Fourier truncation, one can estimate the various
thicknesses as defined above (Fig. 2). The average area
per lipid can then be calculated from the volume per lipid
molecule using the Luzzati method. Extensive studies of
lipid bilayers72,76,162–166 have utilized the average area per
lipid molecule hAi at the bilayer surface with water as a key
structural parameter, to which the thickness is related by
volumetric considerations.24,167 Even then, it is experimen-
tally quite challenging to measure the area per lipid. Often one
has to rely on the length of the unit cell (designated as the
interbilayer distance D) and its decomposition into water,
lipid head group, and acyl chain regions (Fig. 2).

Structural properties of lipid membranes are characterized by
positional and orientational order. Alternatively, the order para-
meters measured in solid-state NMR spectroscopy21,22 give
complementary structural information on the distribution of
the lipids with respect to the bilayer normal.24,26 Solid-state
2H NMR provides knowledge of segment orientations and their
fluctuations at a site-resolved atomistic level,18,21 while scatter-
ing techniques give distances and positional fluctuations.165

The precepts of statistical mechanics supply a link between the
2H NMR and X-ray observables in terms of the corresponding
partition functions, i.e., due to the orientation for NMR or
position in the case of scattering methods.25,101,168 These
distributions can then be used to calculate structural para-
meters for investigating membrane properties. In effect, we
deal with 1D quasicrystalline order along the bilayer normal
(z-direction), because the membrane lipids are in a disordered
2D liquid state in the transverse plane (x–y direction). Estab-
lishing the 1D order is relatively straightforward. Yet estab-
lishing the 2D distribution—and in particular the mean area
per lipid hAi in the transverse direction—is less so.24,158 Such
an approach allows one to quantify the bilayer deformations

Fig. 4 Structures of lipid bilayers in the liquid-crystalline state (liquid-
disordered, ld) are investigated by solid-state 2H NMR spectroscopy and
small-angle X-ray scattering. (a) Representative solid-state 2H NMR spectrum
for multilamellar fully hydrated DMPC-d54 (with perdeuterated acyl groups) in
the liquid-crystalline state (30 1C) recorded at 46.07 MHz (7.01 T). The thin line
represents the powder-type spectrum, and the thick line is the deconvoluted
(de-Paked) spectrum due to the parallel (y = 0) orientation of the bilayer
normal to the B0 magnetic field. Spectral peaks correspond to various acyl
chain segments as indicated by superscripts i = 2. . .14 (cf. text). Residual
quadrupolar couplings are designated by Dn(i)

Q and yield absolute order
parameters |S(i)

CD| for the C–2H bonds of the acyl chain segments. (b)
Electron density profile (absolute units of e Å�3) for fully hydrated DMPC
lipid bilayer obtained at 30 1C from SAXS studies.157 The two peaks
correspond to the electron-rich phosphodiester head groups and the dip
in the bilayer center comes from the methyl groups. The distance between
the two maxima represents the head group-to-head group spacing
(denoted by DHH, not shown).
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due to applied external forces, or from the presence of integral
proteins, peptides, or cholesterol.

Though 2H NMR does not measure positional correlations,
structural quantities for anisotropic mesophases such as lipid
bilayers can be calculated from the orientational order para-
meters of C–2H bonds of the deuterium-labeled acyl chains.21,22

These experimental order parameters are denoted by S(i)
CD,

where the superscript i labels the methylene chain segments
from the carbonyl groups to methyl group ends. Membrane
structural parameters are calculated by considering the acyl
chain travel (projection) along the bilayer normal.24,169 Accordingly,
the chain travel (or flux) is described statistically by a distribution
function f (Di) of segmental projections Di along the bilayer
normal.24,151 This orientational distribution corresponds to an
alignment field (mean torque) experienced by the carbon segments.
The first-order mean-torque model is described in greater detail
below. Estimates of physical properties, like the effective acyl chain
length and average chain cross-sectional areas of phospholipids in
the liquid-crystalline (La) phase, can then be made using simple
statistical models.22,24

On the other hand, the application of solid-state NMR spectro-
scopy to obtain bilayer structural properties156 is challenging,
because the measured order parameters represent the second
moment of the orientational distribution. But it is the first moment
that is needed for calculating the average acyl chain length and the
area per lipid.24 Consequently, we must assume a functional form
for the distribution function, and use the measured moments
to characterize the potential, or equivalently the orientational
probability. Furthermore, the orientational potential is expected
to have odd parity (due to the lipids within a monolayer),
whereas the spectroscopic observables have even parity.141

Various approaches to this problem have considered either a
continuum mean-torque potential or a discrete diamond-lattice
angular distribution. In either case, the measured SCD order
parameters are used to calculate the average projected chain
length along the normal to the bilayer surface as the sum of the
average acyl segmental projections.170,171 Complications due to
back-folding of the acyl groups are avoided by using the part of
the chain closest to the aqueous interface to obtain the area per
lipid.24

3.4 Configurational statistics of acyl chains in membrane
liquid crystals

It may be helpful to the reader at this point to consider two
complementary approaches to evaluating chain conformations,
as discussed by Petrache et al.24 The first is a discrete rotational
isomeric (diamond-lattice) model, and the second is a contin-
uous mean-torque model. Because the lipid membranes are
highly dynamic, with many internal degrees of freedom, using
spectroscopic or scattering methods we measure time- or
ensemble-averaged quantities. Fig. 5 shows that for the case
of liquid-crystalline lipid bilayers, the projections of the carbon–
deuterium bond segments along the bilayer normal allow us to
quantify the chain travel (flux) away from the water–lipid inter-
face, i.e., towards the center of the bilayer. Both the lipid head
groups and the fluctuations of the acyl chains affect the mean

cross-sectional area per lipid. The angular deviations of the
methylene segments from the bilayer normal, defined as b(i)

PD(t)
in Fig. 5, are necessarily related to the area per lipid. The reader
should note that the hydrocarbon thickness DC is not the same
as the average acyl chain length, when using segmental projec-
tions for calculations of volumetric parameters24 (see below).

To relate the lipid area to the configurational statistics of the
acyl chains, we now need to assume a distribution function, as
introduced below. For a given acyl segment (index i), as first
shown by Jansson et al.171 the appropriate average is hAip h1/Dii,
where Di is the instantaneous travel (projection) along the bilayer
normal (called the director) of a statistical segment having DM as its
length. (Angular brackets indicate a time or ensemble average, in
accord with the well-known ergodic principle.) From the C–2H
bond order parameters (SCD), together with the chain volume VC,
we can calculate the average value h1/Dii by employing appropriate
statistical models. For instance, a mean-torque model22,24 can be
employed, as explained in the next section. Fig. 5 teaches us how
the experimental solid-state 2H NMR order parameters S(i)

CD are
related to the bilayer structure and dynamics averaged over the
various degrees of freedom. The segmental order parameters
measure the orientational fluctuations of the C–2H bonds, i.e.,
about the average orientation to the bilayer normal. The statistical
amplitude is described by the time-averaged second-order Legendre
polynomial, P2(cosb), where b is the colatitude angle between

Fig. 5 Solid-state 2H NMR spectroscopy measures the angular fluctuations
of carbon–deuterium bonds in terms of orientational order parameters.
Lipid polar head groups are shown by open spheres and irregular lines
depict the nonpolar chains. Segmental order parameters are formulated as a
time-ensemble average of the C–2H orientations with respect to the bilayer
normal n0 and the direction of the magnetic field B0. The S(i)

CD order
parameter of each bond (where H � 2H) corresponds to the Legendre
function (1/2)h3 cos2b(i)

PD � 1i which includes the time-dependent angle
b(i)

PD(t) between the ith carbon–deuterium bond and the bilayer normal. For a
given three-carbon segment of a polymethylene chain, the internal frame (I)
is perpendicular to the H–C–H plane and the angle to the long molecular
axis is denoted as bIM (not shown). The observables (SCD) from solid-state
2H NMR spectroscopy are related to the average bilayer structural
properties.
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different axes of rotations, and is separated into the time-
dependent b(i)

PD(t) part, and bDL, the time-independent part. Here
b(i)

PD(t) is the angle between the ith carbon–deuterium bond
(principal axis, P) and the bilayer normal (director axis, D), and
bDL � y is the angle between the bilayer normal and direction of
the external magnetic field B0 (the laboratory axis, L). Motions
with respect to the bilayer normal occur on the NMR time scale,
while changes at larger scales are typically much slower.

Segmental order parameters are derived from residual quadrupolar
couplings in deuterium NMR spectroscopy. Because the quadrupolar
coupling depends on the C–2H bond orientation with respect to
the magnetic field axis, in solid-state 2H NMR spectroscopy we
measure a frequency splitting Dn(i)

Q that is proportional to the S(i)
CD

orientational order parameter.21,131 The mathematical relation-
ship reads156

DnðiÞQ ¼
3

2
wQS

ðiÞ
CDP2 cosbDLð Þ; (5)

where the superscript i labels individual carbon segments (as
described above), and wQ = 167 kHz is the static quadrupolar
coupling constant.23 Due to the angular fluctuations, the lipid
segment orientations encompass a solid angle O that is formu-
lated using the three Euler angles O � (a, b, g). For liquid-crystal
samples, the rapid motions of the phospholipid molecules have
axial symmetry about the average bilayer normal (director), and
the colatitude bPL describes the average lipid segment orienta-
tion within the laboratory frame (L).

As a result, the overall C–2H bond orientation (principal axis, P)
with respect to the laboratory (L) frame is described by the angle bPL

which can be split into a part that depends on time and one that is
independent of time. The former is described by the angle bPD(t) for
the temporal fluctuations versus the membrane director (D) frame,
and the time-independent part is given by bDL, due to the static
orientation of the director with respect to the laboratory frame
(given by the main external B0 magnetic field). The order parameter
S(i)

CD is thus defined with respect to the bilayer director as an
ensemble average over the angular conformations.156 Referring
to Fig. 5, the segmental order parameters are represented by the
averaged second-order Legendre polynomial hP2(cosb(i)

PD; t)i, or
alternatively the second-rank Wigner rotation matrix elements
hD(2)

00(O(i)
PD; t)i, leading to156

S
ðiÞ
CD ¼

1

2
3 cos2 bðiÞPDðtÞ � 1
D E

: (6)

Here b(i)
PD(t) is the time-dependent angle between the ith carbon–

deuterium bond (principal axis, P) and the bilayer normal
(director, D). The angular brackets denote a time or ensemble
average over those fluctuations with rates in excess of the (quad-
rupolar) interaction strength in frequency units (Fig. 5). Based
on geometrical considerations, the segmental order parameters
are negative for polymethylene chains.21 Lastly, the dependence
on bilayer orientation is described by an additional second-order
Legendre polynomial P2(cosbDL) = (1/2)(3 cos2bDL � 1), where
bDL � y is the angle of the bilayer normal (director axis) to the
main magnetic field for each chain segment.

Multiple coordinate frame transformations are treated using the
closure property of the rotation group. The above decomposition
is not limited to just two consecutive frame transformations,
however. Using the closure property of the rotation group,23 we
can readily expand the transformation matrix elements into a
sum over an arbitrary number of coordinate frames. Alterna-
tively, the summation is collapsed to just those frames of
interest. We can thus expand the matrix elements corres-
ponding to the bPL angle into a sequence of coordinate trans-
formations by the closure relation from quantum mechanics
and group theory.172 The intermediate frame (I) for a poly-
methylene chain considers a virtual bond vector (z-axis) normal
to the H–C–H plane of a methylene group170,171,173 in terms of a
liquid-crystal picture.174 Alternatively, we adopt a polymer
physics view of the two individual carbon atoms directly
bonded to a methylene group (see below). The local z-axis of
a three-carbon segment (virtual bond) is considered with
respect to the average long-axis orientation of the lipid mole-
cule (the M-frame) within the bilayer. For our purposes, the two
approaches are equivalent.

Applying the above formulas to bilayers in the liquid-
crystalline state, if we assume the auxiliary frames have definite
orientations or are averaged by the overall motions, then bIM is
the relevant angle of interest. Denoting the segment index by i,
the distribution of the angles b � b(i)

IM for the various acyl
segments is related to the statistical travel of the chains away
from the lipid/water interface, i.e., corresponding to the bilayer
normal (director). (At times we suppress the subscript IM to
simplify the notation.) Fig. 6 illustrates the chain flux along the
reference axis (see below). Additionally, the angle bMD (not
shown) represents the instantaneous tilt of the lipid molecule
with respect to the bilayer director (D-frame), which appears
when treating the dynamics due to collective order fluctuations.

Fig. 6 Structural properties for membrane liquid crystals are related to acyl
chain projections onto the bilayer normal and depend on packing of the
lipid segments. (a) Schematic representation of methylene chain travel away
from the lipid head group–water interface.175 Methyl groups at the ends of
the chains are designated by the filled spheres. Note the acyl chains are
more disordered in the bilayer center than next to the lipid head groups. (b)
The orientation of C–H bonds and projection of carbon segments onto the
bilayer normal n0 (with finite upturn folding of methylene segments) are
related to the average thickness of the membrane. Average projection of
the chains corresponds to the experimental order parameters in terms of
the orientation distribution function. The spatial orientation of an acyl
segment is represented by three Euler angles indicated by O � (a, b, g),
where b � b(i)

IM for the ith segment.
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The influences of undulations on the order parameter are
assumed to be small88 and are not explicitly considered here.

4. Equilibrium properties of lipid
bilayers investigated by solid-state NMR
spectroscopy

Because of the large number of degrees of freedom, it is
challenging to calculate structural parameters for lipid bilayer
systems. As a result, for membrane lipids (either multilamellar
dispersions, or aligned on solid supports) in the liquid-crystalline
state, we use statistical models to simplify the problem. We
consider an orientational distribution function,171,176 here desig-
nated by f (b), where b is a generalized Euler angle (see above).
Typically, the Euler angles177 describe rotations in three dimensions,
where successive motions obey the closure property172 as mentioned
above. The orientational distribution can then be treated in
a discrete (lattice) approximation. Alternatively, a continuum
approach (potential of mean force) can be introduced, with just a
single Euler angle, as in the case of liquid-crystalline bilayers with
axial symmetry about the lamellar normal.141

One can thus relate the experimental observables to the
configurational properties of the acyl chains, which correspond
to the average structure of the system.60 The approach is
applicable to polymers, liquid crystals, and biological lipids.
With an appropriate choice of the distribution function, we can
tackle the problem of calculating the average projected acyl
chain length hLCi or the average cross-sectional area per lipid hAi
from the spectroscopic observables. For example, the average projec-
tion of an individual chain segment is given by finding the average of
cosbi representing the statistical methylene travel along the bilayer
normal. The result of this statistical average depends on the chosen
distribution function in the model.171 When we add up the
cumulative travel of the individual segments, we obtain the
total methylene travel (flux), giving the average projected chain
length. Even then, calculation of the area per lipid is more
complicated, because it requires finding the average of 1/cos bi

as first pointed out in ref. 171. Further implications are
discussed in the upcoming sections.

4.1 The orientational distribution function

In general, the ensemble average of any angular-dependent
property denoted by A(b) can be written and calculated using an
orientational distribution function f (b),24

hAðbÞi ¼
Ð 1
�1AðbÞf ðbÞd cosbÐ 1
�1f ðbÞd cos b

: (7)

At this level, b is a generalized Euler angle, which is specified
later when particular models are introduced. The orientational
distribution function f (b) can be expanded in a complete set
of orthogonal polynomials, e.g., the Legendre polynomials
Pj (cos b), as

f ðbÞ ¼
X1
j¼0

cjPjðcos bÞ; (8)

where cj are numerical coefficients. Here we recall that the
Legendre polynomials Pj(cosb) obey the well-known orthogonality
relation, ðþ1

�1
PjðxÞPkðxÞdx ¼

2djk
2j þ 1

; (9)

in which x � cos b and djk is the familiar Kronecker delta
function.178

Next, in the usual way, we left multiply the distribution
function by a different Legendre polynomial, and integrate over
the full angular space. Employing the orthogonality of the
complete basis set, and using eqn (8) and (9), allows us to
readily solve for the expansion coefficients,

cj ¼
2j þ 1

2

� �
PjðcosbÞ
� �

: (10)

Notably hPj (cos b)i corresponds to the moments of the f (b)
distribution, i.e., the orientational order parameters

Pjðcos bÞ
� �

¼
Ð 1
�1Pjðcos bÞf ðbÞd cosbÐ 1

�1f ðbÞd cos b
: (11)

Inserting eqn (10) back into eqn (8), we then obtain our
distribution function in terms of the Legendre polynomials,
and their corresponding moments:

f ðbÞ ¼
X1
j¼0

2j þ 1

2

� �
Pjðcos bÞ
� �

Pjðcos bÞ: (12)

Obviously the knowledge of all the moments is needed to
completely specify the distribution function.176 But the order
parameter measured by 2H NMR spectroscopy is only related to
the second moment hP2(cos b)i of the orientational distribution
function f (b). Moreover, f (b) is a function of both even- and
odd-rank order parameters, including of particular interest the
odd-rank term hP1(cos b)i, which is related to the acyl chain
travel (segmental projection) on the bilayer normal. One there-
fore needs to use a model for the segmental conformations to
reconstruct hP1(cos b)i from the given hP2(cos b)i value. In other
words, we need to assume a functional form for the distribution
function f (b). For lucid discussions of orientational distribu-
tion functions in liquid crystals, see the work of Jack Freed
et al.179 and Claudio Zannoni et al.180

Lipid membrane structural properties are calculated from the
segmental distribution function. With the preceding framework
in hand, we are now equipped to analyze the configurational
statistics of the various segments of the flexible membrane
lipids (Fig. 5). For a methylene group, the relevant Euler angle
b � bIM is between the normal to the plane of the H–C–H atoms
of the internal frame (I) and the average (long-axis) molecular
frame (M). This definition naturally lends itself to a liquid-
crystalline picture for the individual segments of the bilayer.174

Alternately, for an individual segment i we can consider the
three carbon atoms from Ci�1 to Ci+1 in terms of a virtual bond
of length 2.54 Å, as in the case of methylene groups.24 The
virtual bonds (statistical segments) correspond to a freely
jointed chain, or to other models used in polymer physics.
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The two alternate definitions are illustrated in Fig. 7—each has
its own merits and limitations.24 Because for our purposes
these two options are equivalent, we shall utilize three-carbon
segments of the polymethylene chain.24 The Ci�1–Ci+1 carbon
segments are considered with respect to the reference all-trans
long chain axis, see Fig. 7(a). In what follows, we retain the
segment index i, but at times we suppress the subscript IM to
simplify the notation.

The average segment projection onto the bilayer normal can
then be written in terms of the first moment as

hDii/DM = hcos bii, (13)

where Di is the length of the virtual bond between carbon atoms
i + 1 and i � 1 projected onto the bilayer normal, and DM is the
maximum projection of 2.54 Å (see Fig. 7). Take note that the
segment index i includes carbon atoms i + 1 and i � 1. The sum
of all of the three-carbon segment projections for a given acyl
chain configuration gives us the total projected length LC or

travel of the hydrocarbon chain. Upon averaging over all the
orientations, the averaged projected length then becomes

LCh i ¼ 1

2

XnC�1
i¼m

Dih i þ DnC�1
� �

; (14)

in which nC is the number of carbons per chain. The factor of
1/2 arises because the virtual bonds (defined above) connect
every other carbon atom, while the sum is taken over all
methylene carbons from i = m = 2 to i = nC � 1, for simplicity.
The additional term hDnC�1i accounts for the extent of the
terminal methyl group. This formula enables one to directly
calculate the average hydrocarbon chain length projected onto
the bilayer normal.24

Configurational statistics of the acyl chains explain their travel
from the aqueous interface. Coming back now to Fig. 6(a), the
concept is illustrated of the methylene chain travel (or flux)
away from the head groups located near the water interface.
The statistical chain travel along the bilayer normal depends on
the angular fluctuations of the individual acyl chain segments,
which are effectively tethered to the bilayer aqueous interface
via the lipid head groups. In Fig. 6(b), the angular fluctuations
of the lipid segments (electric field tensor of C–2H bond) are
described by the three Euler angles O = (a, b, g). For the overall
rotation to the bilayer aqueous interface (as a rule we write O
for the solid angle), the Euler angles correspond (in sequence)
to rotation about the normal to the H–C–H plane of a methy-
lene segment, the rotation of the segmental frame to the frame
whose z-axis is the bilayer normal, and lastly rotation about the
bilayer normal (director).156 We can thus connect the angular-
dependent 2H NMR observables to the spatial projection (or
travel) of the acyl chains along the bilayer normal (director
axis). In Fig. 6, the distribution is represented by the projec-
tions of the hydrocarbon chain LC. The methyl groups are
broadly distributed along the bilayer normal direction, indicat-
ing the individual chains terminate at various distances from
the water interface, due to the statistical distribution of gauche
isomers. Note also that hLCi and DC are not equal, because the
volumetric thickness is calculated from the area per lipid, and
not from the acyl projections.24

4.2 Area per lipid molecule at the aqueous interface in
membrane bilayers

Given the above statistical model, we are then able to calculate
the average cross-sectional area per lipid hAi at the bilayer
interface with water, e.g., in the case of unsupported multi-
lamellar lipid dispersions. One of the most fundamental proper-
ties of a lipid bilayer—and one of the most important ways to
establish whether the system has achieved equilibrium in mole-
cular simulations (both atomistic and coarse-grained)—is the
area per lipid at the aqueous interface.24,181 When the area per
lipid molecule at the interface with water reaches a stable value,
most other structural properties do not change, and the system
has converged.182 Knowledge of the area per lipid thus plays a
central role in validating MD simulations of lipid bilayers. It is
also needed for quantifying membrane deformations, as well as

Fig. 7 Geometric models for acyl segment orientations determine
the average lipid structure for liquid-crystalline bilayers using statistical
methods. (a) The all-trans reference state has its long axis parallel to the
average bilayer normal. Projections of carbon–carbon bonds onto the
long axis are of length l0 = 1.27 Å (indicated by arrows).173 Virtual bonds are
taken as joining the carbons to either side of a methylene position in the
chain with length DM = 2.54 Å (cf. text). (b–d) Diamond-lattice model is
based on three discrete orientations of a chain methylene group (chain
upturns are neglected). The angle of the C–H bond (principal axis of electric
field gradient tensor for H � 2H) to the molecular axis is designated as bPM

and bk denotes the kth virtual bond (vector) inclination for a given segment.
(Collective fluctuations of the local director axis18 are not included; hence
the molecular frame M and director frame D are equivalent.) The average
chain travel is the sum of the average virtual bond (vector) projections
due to the various segment orientations. Both the diamond-lattice and
continuous mean-torque models as applied to solid-state 2H NMR experi-
ments reveal average structural properties of membrane bilayers.
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for understanding the effects of additives such as cholesterol or
membrane-active peptides.183,184

For a chain segment confined by its neighbors, its degrees of
freedom are limited by the volume within it can move. By
working out the average travel of a methylene chain segment,
we can deduce the average area hAi per lipid molecule, which
for a symmetric (like chain) lipid is twice the area hACi per
chain.24 Assuming the average shape of the hydrocarbon chain
can be approximated by a geometrical prism (as obtained from
a statistical average of Voronoi tessellations or equivalently in
this case, seen as Wigner–Seitz cells185–188), the cross-sectional
area for a statistical segment comprising two methylene
groups reads:

A
ðiÞ
C ¼

2VCH2

Di

� �
¼ 2VCH2

DM

1

cos bi

� �
: (15)

Here VCH2
is the thermodynamic volume of an individual

methylene group fluctuating in the confinement of its
neighbors.153,189,190 The factor of two appears because the
virtual bond length accounts for two CH2 groups.

Now, in computing the average interfacial (cross-sectional)
area per chain hA(i)

C i, the value of the area factor qi = h1/cos bii is
needed.171 Expanding the function about x � cosb = 1 (where
f (b) is assumed to have a maximum), and truncating the Taylor
series, gives24

qi = h1/cos bii E 3 � 3hcos bii + hcos2 bii. (16)

It is assumed that upturning (or back-folding) of a methylene
segment is statistically negligible. Such an approximation is
needed because h1/cos bii has a singularity at bi = p/2. Obviously
this approximation does not work for highly mobile methylene
segments, and rather, the approach is most applicable to methylene
segments near the lipid head group (so-called plateau region of the
order parameter profile).156 For the plateau region, we suppress the
index i, so that the average cross-sectional area of a lipid chain in
terms of q is denoted by

ACh i ¼ 2VCH2

DM
q: (17)

The reader should note that in the limit of an all-trans chain rotating
about the bilayer normal with axial symmetry, hcos2bi = hcosbi = 1,
giving q = 1. Hence the limiting area per chain is 2VCH2

/DM in
keeping with eqn (15). For a mixture of chains, the area factor q is
the weighted sum, and the calculated value of hAi is the number-
weighted average over the components, according to the theory of
moments.146

Next, with the area per chain given in eqn (17), and knowing
the volume VC, the thickness of an individual monolayer is
calculated as

DC ¼
nCDM

2q
; (18)

where nC is the number of carbons (e.g., nC = 16 for 1,2-
dipalmitoyl-sn-glycero-3-phosphocholine, DPPC). Note that because
the volume of the terminal methyl group is practically twice the
volume of a methylene group,153 we have nC E VC/VCH2

. Again we

recall the volumetric thickness DC is not the same as the average
projected chain length hLCi as shown by Fig. 6(a).24 The subsequent
step is to work out the average projection of the segments hcosbii
and the area factor q. Using eqn (5), we can calculate hP2(cosbi)i
and thus hcos2bii, whereas we need to know hP1(cosbi)i = hcosbii.
Hence, we must return to the problem of constructing hP1(cosbi)i
from the observed value of hP2(cosbi)i by considering the orienta-
tional distribution function.

5. Modeling the configurational
statistics of lipid chains in membrane
liquid crystals

The experimental NMR results together with knowledge of the
distribution function allow for a deeper understanding into the
physical properties of liquid-crystalline membranes. We are thus
naturally led to the language of stochastic processes for multi-
lamellar lipid dispersions, either as freely suspended bilayers or
aligned on solid substrates. As a general rule, the probability
distribution for flexible molecules is characterized by its moments
(see above). It follows that we shall introduce simple statistical
models to reduce the parameter space for the ensemble-averaged
properties. In this section, our aim is to establish the utility of the
models in terms of their statistical approximations. Our basic
strategy is to reconstruct the first moment of the orientational
distribution hP1(cosbi)i from a given value of the second moment
hP2(cosbi)i to obtain the probability density. That will allow us to
express the average membrane structure60,158 in terms of the
distribution of the geometrical variables corresponding to the seg-
mental or molecular orientations.24

Referring to the above discussion, two alternate formula-
tions are then possible. The liquid crystal view considers virtual
bond vectors of length l0 = 1.27 Å perpendicular to the methylene
H–C–H plane.173 Alternatively, with a polymer physics view, the
virtual bonds of length DM = 2.54 Å join carbon atoms Ci�1 and
Ci+1 representing the extent of three-carbon segments of the
chain.24 We recall the latter picture (Fig. 7) is analogous to a
freely jointed chain used in polymer physics.24 For anisotropic
mesophases of flexible molecules, the transformations are thus
from the principal axis system P to the internal frame I, and then
from the I-frame to the average molecular frame M congruent
with the bilayer normal (bIM = bID).

5.1 Lattice models for segmental orientational
distributions—polymer physics viewpoint

The introduction of a diamond-lattice model approximates the
carbon–deuterium bond orientations by a tetrahedral lattice
(hence diamond-lattice model). This model reduces the con-
tinuous parameter space to a more tractable discrete set. For
highly mobile lipids, it is analytically solvable by neglecting
back-folded orientations (which are statistically less signifi-
cant). A schematic depiction is provided in Fig. 7(b–d) of the
tetrahedral orientations. For the diamond-lattice model, the
appropriate Euler angle is b � bIM where the segment index is
suppressed for clarity. Assuming discrete orientations, in
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eqn (12) the various moments of the segmental distribution are
given by

Pjðcos bÞ
� �

¼
X
k

pkPj cos bkð Þ: (19)

The probabilities pk are normalized, and hence they sum to
unity (k denotes the lattice orientations and is not to be
confused with the segment index i which is concealed; more
explicitly, bk � b(k)

IM). Next, we can insert eqn (19) into eqn (12) to
yield the following segmental distribution function:

f ðbÞ ¼
X1
j¼0

2j þ 1

2

� �X
k

pkPj cos bkð ÞPjðcos bÞ: (20)

Applying the orthogonality relation of eqn (9), we then obtain
for the diamond-lattice model a sum of Dirac delta functions,
which reads

f ðbÞ ¼
X
k

pkd b� bkð Þ; (21)

for the discrete distribution.
Lipid chain travel on a diamond lattice involves a statistical

distribution of segment orientations. Obviously, for the diamond-
lattice model there is a set of discrete orientations that have a
finite probability. As discussed by Jansson et al.,171 the possible
orientations are bk = 01, 601, and 901 plus the back-folding
(upturn) angles, 1201 and 1801. If the back-folding orientations
are neglected,170,173 then for each segment the order parameter
is given by eqn (6), and the orientational distribution function,
eqn (21), yields (see Fig. 5):

S
ðiÞ
CD ¼ P2 cos bið Þh i ¼

P
k

Ð 1
�1P2 cos bið Þpkd b� bkð Þd cos b
P
k

Ð 1
�1pkd b� bkð Þd cos b

: (22)

In what follows, to simplify the notation the segment index i is
concealed on the right. Solving eqn (22) using the discrete
diamond-lattice orientations, we obtain the following result for
the order parameter for the individual acyl segments:

S
ðiÞ
CD ¼ p0P2ðcos 90�Þ þ

p60

2
P2ðcos 35:3�Þ þ P2ðcos 90�Þ½ �

þ p90P2ðcos 35:3�Þ:
(23)

(The probabilities p0, p60, and p90 depend on the segment index
i which is suppressed.)

Inserting the corresponding numerical values for the
Legendre polynomials, we find that

S
ðiÞ
CD ¼

1

2
�p0 þ p90ð Þ; (24)

where we have again used eqn (9) for the orthogonality of the
Legendre polynomials.178 From eqn (13), the projected length
of a three-carbon segment hDii then becomes

Dih i
DM
¼ cos bih i

¼ p0P1ðcos 0�Þ þ p60P1ðcos 60�Þ þ p90P1ðcos 90�Þ:
(25)

Lastly, inserting the numerical values for the Legendre poly-
nomials yields the result that24

Dih i
DM
¼ p0 þ

p60

2
: (26)

The above formula allows the segmental projection onto the
reference all-trans state (taken as congruent with the average
bilayer director) to be calculated in terms of the rotamer
probabilities.

Projected chain length and lipid area manifest the chain travel
on the lattice. For the entire chain, we are thus able to calculate
its projected length in terms of the segment travel (flux) along
the bilayer normal. Because the probabilities of the rotational
isomeric states sum to unity, and neglecting back folding, by
summing eqn (24) and (26) the projected length in terms of the
segmental order parameter can be worked out:

S
ðiÞ
CD þ

Dih i
DM
¼ p0

2
þ p60

2
þ p90

2
¼ 1

2
: (27)

It follows that for a three-carbon segment, the average distance
projection along the bilayer normal reads

Dih i
DM
¼ cosbih i ¼ 1

2
1� 2S

ðiÞ
CD

� 	
; (28)

which corresponds to the first moment of the orientational
distribution function. Here Di is the distance between carbon
atoms i + 1 and i � 1 projected onto the bilayer normal, and DM

is the maximum projection of 2.54 Å (as shown in Fig. 7). Note
that in the limit of an all-trans chain, S(i)

CD = �1/2 giving hDii =
DM as expected.

Based on our analysis, the average chain length along the
bilayer normal is equal to the sum of the average projections of
the individual segments. By using eqn (14), and knowing the
order parameters along the acyl chain, we can then calculate
the methylene contributions to the projected length,

LCh i
DM

¼ 1

2

XnC�1
i¼m

1

2
1� 2S

ið Þ
CD

� 	
; (29)

wherein m = 2 is the first methylene carbon of the chain, and nC

is the ending carbon (due to the terminal methyl group). Note
that the methyl segment requires a special treatment, as the
virtual bond cannot be defined as for the methylene groups.
The three-fold rotational symmetry projects the residual quadrupolar
coupling along the carbon–carbon bond,191 leading to

S
nCð Þ
CD P2ðcos 109:5�Þ ¼ SCD3

which corresponds to S
nCð Þ
CD ¼ �3SCD3

.
Accounting for the methyl group symmetry, the projected acyl
length is thus found to be173

LCh i
DM

¼ 1

2

nC �mþ 1

2
þ
XnC�1
i¼m

S
ðiÞ
CD




 


þ 3S
nCð Þ
CD




 



" #

: (30)

The sum is taken over all the carbons from m = 2 to nC � 1, and
the order parameters have a negative sign. In the limit of an all-

trans rotating chain, S(i)
CD = �1/2 and S

nCð Þ
CD ¼ ð�1=3Þð�1=2Þ ¼

ðþ1=6Þ giving hLCi = (nC� 1)(DM/2) for the projected acyl length.
As pointed out by Nagle et al.,192 the assumption of no upturns
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of the methylene segments can fail for segments close to the
acyl end, where disorder is larger and eqn (28) does not hold.

More realistic calculations of membrane thickness (rather
than acyl chain length) directly work out the area, eqn (17), and
then introduce the volumetric acyl thickness using eqn (18).
Only the largest order parameter is required, avoiding some of
the ambiguities due to the no-upturns approximation.24 Studies
of various lipid bilayers indicate the order parameter S(i)

CD shows
a plateau value as a function of the chain position (i), which is
designated by Splat

CD due to the acyl segments close to the aqueous
interface.186 Combining eqn (6) and (28) with eqn (16) and (17),
we obtain the diamond-lattice result for the area per chain,

ACh i ¼ 2VCH2

DM

11

6
þ 5

3
Splat
CD

� �
; (31)

in which the area factor q is the quantity within the parentheses, and
Splat

CD designates the largest (plateau) value of the order parameter.186

Using eqn (18) together with eqn (31), the volumetric thickness
thus reads

DC ¼
nCDM

2

11

6
þ 5

3
Splat
CD

� ��1
: (32)

Nagle and co-workers192 have concluded that the diamond-lattice
result is not accurate for calculating hcos bii for highly mobile
carbon segments. Calculating the area factor with a different
formula, q = 1/hcosbi, corrects some of the problems with the
diamond-lattice model. However, the validity of the geometrical
average has been questioned.24,171

5.2 Continuum model using potential of mean
force—liquid-crystal viewpoint

Alternatively, instead of sampling the discrete orientations of
the lipid acyl segments, the mean-torque model of Petrache
et al.24 assumes the segment orientations obey a continuous
distribution. The assumption of a continuous orientational
potential is equivalent to applying an average torque on a
methylene segment, hence the designation mean-torque
model.24 This approach is more akin to a liquid crystal view
of the membrane, wherein the various segments of the flexible
lipid molecules are subject to a orienting potential, as in the
case of nematic or smectic liquid crystals.89,174 The advantage
is the model does not assume specific orientations of the
methylene segments.

For the case of liquid-crystalline membranes, in Fig. 8 the
transformations considered by the mean-torque model are
illustrated in more detail. The orientation of a C–2H bond is
considered as the principal axis system (P), which is then
projected onto a sequence of intermediate frames, until we
reach the laboratory frame (L) (due to closure). As with the
diamond lattice, we are primarily interested in the projection of
the intermediate axis (I) of a three-carbon segment onto the
molecular axis (M). Fluctuations of the director axis (D) are
neglected; and so the molecular and director frames are taken
as equivalent. Again, we suppress the segment index to simplify
the notation.

Mean-torque potential is described by the moments of the
orientational distribution function. We begin with the distribution
function for a given orientational potential, as in the diamond-
lattice model. The orientational distribution of each methylene
segment is written in terms of the Boltzmann factor,141

f ðbÞ ¼ 1

Z
exp �UðcosbÞ

kBT

� �
; (33)

where the partition function reads

Z ¼
ðþ1
�1
exp �UðcosbÞ

kBT

� �
d cosb: (34)

In the above formula, U(x) is the orientational potential for an
individual carbon segment, and x � cosb. To simplify the
notation, for the mean-torque model, b = bID where the suffix
and superscript for the segment index are suppressed. For the
statistical treatment of the methylene segments, it is assumed
the orientational order can be described by U(x), which is called
the potential of mean torque. In a first-order approximation, the
potential is given by24

UðcosbÞ ¼
X
j

UjPjðcosbÞ � U1 cos b; (35)

Fig. 8 Lipid bilayer properties depend on the molecular orientations
and mobilities of the carbon segments as seen by NMR spectroscopy. Experi-
mental observables depend on tilting of the molecular segments and can be
decomposed into a series of coordinate frames. Use of the closure property of
the rotation group simplifies the coordinate transformations. The frame of the
C–H bond (where H� 2H) is the principal axis system (P) for the segmental order
parameter, and the main external magnetic field B0 defines the laboratory frame
(L). Designations for the Euler angles O are: P, principal axis system (z-axis parallel
to C–H bond); I, intermediate frame for methylene group motion (z-axis
perpendicular to H–C–H plane); M, molecular coordinate system; D, director
frame (z-axis is bilayer normal); and L, laboratory system (z-axis along main
external magnetic field B0). Note that treatment of the segmental orientation
with respect to the laboratory axis system uses a set of intermediate frames that
facilitates description of the bilayer properties.
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wherein U1 is the first-order mean-torque parameter. Obtaining
these parameters for each chain segment gives us the desired
information about the stress profile of the bilayer.

According to the mean-torque model,24 the first and second
moments of the orientational distribution are acquired by
integrating eqn (11) with use of eqn (33)–(35) for the distribu-
tion function:

Pjðcos bÞ
� �

¼ 1

Z

ðþ1
�1
Pjðcos bÞ exp �

Uðcos bÞ
kBT

� �
d cos b: (36)

With the linear approximation of the potential, this integral can
be put in closed form, yielding

P1ðcos bÞh i ¼ cos bh i ¼ coth
U1

kBT

� �
þ kBT

U1
; (37)

and

P2ðcos bÞh i ¼ 1þ 3
kBT

U1

� �2

þ3kBT
U1

coth
U1

kBT

� �
: (38)

The second moment of the distribution, eqn (38), is measured
directly from solid-state 2H NMR experiments for the segmental
order parameter hP2(cos bPD)i = S(i)

CD as given by eqn (6), where
the segment index i has now been reintroduced. Taking the
factor of P2(cos bPI) = P2(cos 901) = �1/2 for the methylene
segments into consideration then gives hcos2bii = (1 � 4S(i)

CD)/3
for the second moment.

Thereafter, eqn (38) can be numerically solved to find the
first mean-torque parameter U1 corresponding to an individual
segment in the chain. If U1 is known, then the average projec-
tion, eqn (37), can be found, and the chain length hLCi can be
worked out. An analytical solution for hcos bii is obtained when
the segment confinement exceeds the thermal energy, which is
expected for highly ordered segments in the plateau region. We
can then use the approximation coth(U1/kBT) E 1, which holds
very well for U1 4 2kBT and so we obtain

P1 cos bið Þh i ¼ cos bih i ¼ Dih i
DM
� 1

2
1þ

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
�8SðiÞCD � 1

3

s0
@

1
A: (39)

As mentioned earlier, the above approximation assumes there
are no upturns for segments with a sufficiently strong orienting
potential. This relation is valid only for order parameters in the
interval �1/8 o S(i)

CD o �1/2, where we recall that the order
parameter is negative. The above relation was found by
Petrache et al.192 to be a more accurate way of calculating
hcos bii when compared to the diamond-lattice model.

Projected length and area per lipid depend on the chain flux
along the bilayer normal. Using eqn (14) together with eqn (39),
and knowing the order parameters along the acyl chain, we are
now able to work out the average projected acyl length. The
projection onto the bilayer normal (director) corresponds to the
chain flux away from the lipid aqueous interface. It is given as

the sum of the average segment projections:

LCh i
DM

¼ 1

2

XnC�1
i¼m

1þ

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
�8SðiÞCD � 1

3

s0
@

1
A: (40)

For highly mobile lipids, the order parameter for the terminal
methyl groups is very low (albeit negative), which can generate
an imaginary result. In these situations, eqn (38) should be
solved numerically. Here again, we have to correct for the
terminal methyl group, as we did with eqn (30). The result is

LCh i
DM

¼ nC �mþ 1

2
þ
XnC�1
i¼m

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
�8SðiÞCD � 1

3

s
þ

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
�24SðnCÞCD � 1

3

s
:

(41)

To avoid over-parameterizing the problem, the mean-torque
model24 treats the orientational potential as a single degree of
freedom. This simplification may not be accurate for more
highly mobile segments near the ends of the lipid chains,
which can have more complicated distribution functions. Still,
we can avoid some of the difficulty by focusing on the plateau
region of the order parameter profile, using eqn (38) and (39) to
calculate the area factor q analytically.

In this way, combining eqn (6) and (39) with eqn (16) and (17),
we obtain the mean-torque expression for the average area per
chain, which reads

ACh i ¼ 2VCH2

DM

11

6
� 1

2

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
3 �8Splat

CD � 1
� 	r

� 4

3
S
plat
CD

� �
: (42)

As before, the area factor q is contained in the parentheses, and
the order parameter values are negative numbers. The calcula-
tions of the area per lipid in this perspective utilize the above
model.24 This method of calculating the average cross-sectional
chain area, using the mean-torque model,24 agrees with the
results of other experimental approaches.192 Lastly, by using
eqn (18) with (42), the volumetric thickness is found to be

DC ¼
nCDM

2

11

6
� 1

2

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
3 �8Splat

CD � 1
� 	r

� 4

3
S
plat
CD

� ��1
: (43)

In the calculations, only the plateau region of the order para-
meter profile is used to compute the average lipid projection
onto the director, as noted above.

6. Equilibrium thermodynamics of
membrane deformation

Let us next turn our attention to how the structural parameters
obtained from solid-state 2H NMR spectroscopy of multilamellar
lipid dispersions give insight into the forces governing membrane
organization. Bilayer remodeling and deformation, e.g., in response
to external stresses and perturbations, undoubtedly are of great
biophysical interest.1,59 The experimental methods used to investi-
gate molecular interactions in phospholipid assemblies include the
osmotic stress method,26,50,100 use of surface forces apparatus,193

and micropipette aspiration techniques.7,194,195 Because solid-state
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2H NMR spectroscopy yields atom-specific knowledge of liquid-
crystalline phospholipids, see Fig. 4(a), it can transform our
understanding of how the material properties emerge from
atomistic-level interactions based on the intermolecular forces.6,196,197

The question then becomes: how can the atomistic approach of
solid-state 2H NMR spectroscopy be combined with force-based
methods to explain the interactions in lipid bilayers? Here we are
interested in the distance ranges and magnitudes, and whether and
how bilayer restructuring occurs in response to osmotic or hydro-
static pressure.26 Indeed, significant bilayer structural changes have
been observed to occur with osmotic pressures in the biological
range (up to B100 atm). That raises the interesting possibility
that osmotic stress-induced bilayer deformation26 may influence
or govern the actions of membrane proteins, such as ion
channels or G-protein-coupled receptors,198–200 e.g., through
chemically nonspecific lipid–protein interactions.1,43 Membrane
protein-surface shaping properties of lipids can give a potential
mechanism for altering the activities of membrane proteins
within cells and tissues.

6.1 Osmotic stress as a force-based method for investigating
emergent membrane properties

Application of osmotic pressure to multilamellar lipid dispersions
affords a direct connection to the equilibrium thermodynamics
of membrane interactions. By introducing the mathematical
formalisms of thermodynamics, we can establish how the ener-
getics of membrane interactions and structural deformation are
related to bilayer forces. The idea of balancing the free energy of
the multilamellar lipids with the osmotic stress due to external
factors is central to our approach.71 Transferring water from the
lipid phase into the stressing polymer solution (osmolyte phase)
reduces the free energy of the system, maximizing the entropy of
the osmolyte. Alternatively, gravimetric control of water in the
multilamellar lipid phase is possible. In both cases, deformation
of the lipids occurs in two ways: (i) the interlamellar repeat
spacing decreases, and (ii) the membrane thickness increases as
a result of water removal from the headgroup region.26,71

Osmotic stress measurements give a direct link between structure
and molecular interactions. Introduction of osmotic pressure is a
practical way to control the hydration of biological specimens,
allowing for systematic study of the forces acting upon biological
materials,201–203 as notably introduced by Adrian Parsegian and
Peter Rand.50,71,118 Understanding how molecular assemblies
deform under osmotic stress gives us insight to the hierarchy
of intermembrane forces.6,53,111 It is important to note that
osmotic stress is not just an experimental trick to play with
molecular forces. Biological environments at the cellular level
can be highly crowded, exerting an appreciable osmotic pressure
on biological structures (Fig. 1).204 Intra- and intercellular osmo-
tic pressures occur due to the competition of various molecular
species for available water, and due to their selective partitioning
across lipid membranes. For proteins embedded within the
thylakoid membranes of chloroplasts, or retinal rod disks,43

one must wonder if their response to osmotic pressure could
be governed by structural deformation of the lipids. What is
more, osmotic pressures can significantly influence the activities

of mechanosensitive ion channels,205 as well as GPCRs such as
rhodopsin.206 Dehydration also affects biomembrane structural
integrity, as seen for sarcoplasmic reticulum membranes con-
taining the calcium transport protein (Ca2+-ATPase),207 and in the
case of anhydrobiasis.208,209 Experimental work measuring this
deformation has yielded mixed results in the past.71,197,210–213

Our understanding of quantitative membrane area remodeling
due to osmotic stress is thus far from complete.

The osmotic stress method is based on the principle that the
(reversible) work of removing water from a lipid bilayer phase
matches the free energy of deforming the multilamellar lattice
(including changes in bilayer separation and structural defor-
mation of bilayers).214 Transferring water from the lipid phase
to another phase with lower chemical potential (e.g., a polymer
osmolyte phase in thermodynamic equilibrium with the lipid
phase) balances the free energy (work) of bilayer interaction
(separation) and of structural deformation.50,117,197,215 At equi-
librium, the chemical potentials of water in the two phases are
equal. Referring now to Fig. 9(a), the lipid phase is separated
from the osmolyte phase either by a semipermeable membrane,
or by a virtual (imaginary) Gibbs dividing surface that bisects the
system into thermodynamically distinct lipid and osmolyte
phases. Because of an unfavorable loss of entropy, the high
molar mass polymer is not admitted to the multilamellar lipid
phase.118

For lipid membranes that are freely suspended as multi-
lamellar dispersions, the stressing polymer solution (osmolyte
phase) does reversible work on the lipid phase by removing
water, giving an external osmotic pressure. In the osmolyte
phase, the added (osmotic) pressure increases the chemical
potential of water in the stressing polymer solution, so that it
equals the solvent chemical potential in the lipid phase.
Deformation of the lipids occurs by changing the water volume,
with temperature and pressure held constant. We can then
consider the thermodynamic relation (qmW/qP)T = %VW where %VW

is the partial molar volume of water in the osmolyte phase.
Upon integration, assuming the partial molar volume of water
is constant, for the osmolyte phase we obtain that mW = P %VW

where P is the osmotic pressure. Here we use the symbol P to
denote a generic pressure, and P to designate the osmotic
pressure. The reference for both the osmolyte and lipid phases
is bulk water with mW* as its chemical potential. In what
follows, the osmotic pressure P is set either by a polymer
solution in large excess, or by gravimetric removal of water.
See Fig. 9(a and b) for a cartoon illustration and Fig. 9(c and d)
for further explanation.

6.2 Work content and Helmholtz free energy

In terms of equilibrium thermodynamics, for the multilamellar
lipid phase, the total differential of the Helmholtz free energy (F)
reads216

dF ¼ �PdV � SdT þ
X
k

mkdnk; (44)

where F is an extensive thermodynamic state variable. Here S is
the entropy, T is the temperature, and the chemical potentials

PCCP Perspective



Phys. Chem. Chem. Phys. This journal is© the Owner Societies 2019

are defined by mk = (qF/qnk)T,V,njak
in which nk represents the

number of moles of the kth component. The first two terms on
the right correspond to a closed system, where (qF/qV)T,nk

= �P
and (qF/qT)V,nk

= �S. The summation includes the change due to
the mass transfer of dnk moles of the kth component with
chemical potential mk for an open system.

Reversible work corresponds to deformation of the membrane
unit cell. The volume of the lipid phase is measured by the size
of the unit cell (Fig. 2), and can change in two different ways:
either by compression/expansion at a constant number of
waters (NW) under changing external pressure, or by changing
NW (removal or addition of water molecules) at constant
pressure. In the osmotic stress method, for the range of
pressures used, we assume that both the lipids and water are
practically incompressible—hence the partial lipid and water
volumes remain unchanged.26 We consider changes in free
energy as only due to changes in NW and neglect compressi-
bility effects. The reversible work does not involve compression
for either the lipid or water (compressibility k E 0). That is to
say, just a mass transfer of water is involved, with the osmotic
pressure held constant. Changes in either Gibbs or Helmholtz
free energies holding their natural variables (T and P, or T and
V, respectively) constant are the same. They both depend on the
chemical potential mW of the aqueous solvent (formulated in
terms of either Gibbs or Helmholtz free energies), together with

the moles of water transferred across the thermodynamic
dividing surface.

Removal or addition of water yields structural remodeling of the
lipid bilayer. Now for a given composition, if we hold the
volume of the lipid phase and the temperature constant
(dV = dT = 0), then the total differential of the free energy,
eqn (44), is simplified accordingly. Identifying F as the Helmholtz
free energy per lipid molecule, and nW as the moles of associated
waters, the total differential thus becomes

dF = mWdnW. (45)

Conservation of energy (first law of thermodynamics) implies
that the reversible work mWdnW done on the lipid phase is equal
yet opposite to the work �mWdnW done by the osmolyte phase.
Substituting mW = P %VW for the osmolyte phase, we find that

dF = �PdVW. (46)

Here we have formulated the water volume per lipid as

VW = %VWnW = vWNW, (47)

where vW = %VW/NA is the (partial) molecular volume of water,
NA is the Avogadro constant, and NW is the number of waters
per lipid molecule in the unit cell. Typically, it is assumed that
the partial molar volume %VW E the water molar volume %VW*
and that it remains approximately constant. Because the volu-
metric reduction of the lipid phase occurs in the same direction
as the external osmotic pressure, the reversible work is positive.

According to eqn (46), the reversible work (Helmholtz
free energy) of deforming the lipid phase—due to changing
the bilayer separation plus any structural deformation of the
membrane—corresponds to the directly measured work of
removal of water.71 The positive work originates because the
sign of dnW is negative for the movement of water from the
lipid phase to the osmolyte phase. The transfer of water can be
accomplished either osmotically, or by gravimetric control. As
noted above, the mass transfer of water from the lipid bilayer
occurs by equilibration of the lipid phase with a stressing
polymer solution. Alternatively, for gravimetric removal of
water,26,71 the interface between the lipid phase and air plays
the role of a thermodynamic dividing surface, corresponding to
the semipermeable membrane of an osmometer.

6.3 Free energy of lipid membrane deformation

What is more, by introducing the area per lipid hAi and the
water thickness DW/2 as lattice variables24 (see Fig. 2), the total
differential of the Helmholtz free energy can be written as

dF ¼ @F

@hAi

� �
DW=2

dhAi þ @F

@DW=2

� �
hAi

dDW=2: (48)

For the lipid phase, the free energy depends on the area per
lipid hAi and DW/2, which represents the interlamellar water
distance. We can thus express the water volume for a geometrical
prism (Fig. 2), giving VW = hAiDW/2 as the result. Upon differ-
entiation, and combining with eqn (46), we then find that

dF = �PDW/2dhAi � PhAidDW/2. (49)

Fig. 9 Illustration of methods used to apply pressure to a lipid membrane
system and forces acting at different interbilayer separations. Two
approaches allow the control of water activity for lipid membranes:
(a) osmotic removal of water from multilamellar lipid membranes due to
a stressing polymer solution; and (b) direct dehydration of membrane lipids
by gravimetric removal of water. In each case, the dashed line (green)
symbolizes the thermodynamic Gibbs dividing surface between the
two phases. Various forces affect the osmotic coefficient including:
(c) intermediate-range interactions whereby steric repulsions due to
thermal undulations enable water uptake; and (d) short-range interactions
where molecular protrusions and/or hydration forces cause steric
repulsion. The osmotic coefficient of water is related to its chemical
potential thereby allowing the bilayer work to be measured quantitatively.
Undulatory forces in the liquid-crystalline state together with short-range
protrusive forces affect the bilayer stability at different pressure regimes,
which are probed with solid-state NMR spectroscopy.
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Here we recollect that the osmotic pressure P E constant, due
to a large excess of the stressing polymer solution, or stemming
from gravimetric removal of water.

Total differential of the free energy includes both area and
thickness deformation. From the above total differential, we thus
obtain the following thermodynamic relations,71,117

@F

@hAi

� �
DW=2

¼ �PDW=2 ¼ g; (50)

and

@F

@DW=2

� �
hAi
¼ �PhAi ¼ �FR: (51)

The first result, eqn (50), tells us that the change in free energy
with respect to the interfacial area hAi per lipid24 corresponds
to the lateral tension g acting on a lipid molecule in a bilayer.
The second formula, eqn (51), teaches us the change in free
energy per lipid molecule with a change in the bilayer separa-
tion gives the force acting on a lipid perpendicular to the
bilayer surface (along the bilayer normal). Note that as the
bilayer separation decreases (dDW/2 negative), the reduction in
the area per lipid (dhAi negative) is less unfavorable (dF positive).
Work is thereby done by the stressing polymer solution on the
lipid phase.

Energetics of bilayer remodeling are divided between area and
separation work. Our next question is: how much of this work
goes into the bilayer separation, and how much goes into
bilayer deformation? We now split the effect of osmotic pres-
sure into the influences of separation forces, and the lateral
tension (which equals zero for a bilayer at equilibrium with
excess water). Here we use the definition of the tension217 to
obtain g = �PDW/2 in eqn (50). Clearly the lateral tension for a
lipid bilayer is a function of the area per lipid molecule.
Because g corresponds to a negative pressure, it costs work to
condense the bilayer, thus giving an increase in free energy. If
we define the repulsive pressure as PR = FR/hAi, then P = PR in
accord with eqn (51). The osmotic pressure P is a positive
quantity, due to the repulsive force in eqn (51), which implies
there is a tendency for the multilamellar lipids to expand
indefinitely. Still, at some point the swelling due to repulsion
is counterbalanced by the long-range attractive force,24 which is
attributed to van der Waals interactions.

We can then calculate the fraction of work that goes into
reducing the bilayer separation and the area deformation. The
ratio of separation work to area work (x) is defined as71

x ¼ separation work

area work
¼

@F

@DW=2

� �
hAi

dDW=2

@F

@hAi

� �
DW=2

dhAi
: (52)

Substitution of eqn (50) and (51) can be used to further simplify
eqn (52), yielding

x ¼
�PhAidDW=2

�PDW=2dhAi
¼

d lnDW=2

d lnhAi : (53)

In terms of the fraction of area work (y), the above result
corresponds to the relation

y = 1/(1 + x). (54)

The area work thus allows us to calculate the percentage of
energy that goes into deforming the lipid membrane, as opposed
to reducing the interbilayer distance. Note that eqn (48) and (49)
do not contain the fraction of area work, because the partial
derivatives yield separate contributions from hAi and DW/2 as the
two lattice variables.

7. Flexibility and elasticity of membrane
bilayers under hydration stress

We can now ask the question: how are the membrane structural
properties accessed through the various alternative biophysical
techniques? In this section, we emphasize the membrane
deformation due to osmotic stress, using different experi-
mental tools. The results of solid-state 2H NMR spectroscopy
are compared to previous X-ray scattering studies with the
Luzzati method,76,157,218 as well as the electron density profile
approach.211 Although small-angle scattering (both X-ray and
neutron) techniques are viewed as the methods of choice for
determining membrane structure along the bilayer normal
(such as head-to-head distance and bilayer thickness), the
errors in lateral parameters such as the area per lipid can be
quite large. This is because the scattering methods are highly
sensitive to large-scale membrane undulations.76,219 More accurate
results are obtained using analytical methods that combine MD
simulations and/or use special sample geometries in controlled
humidity chambers, which provide measurements of material
parameters such as the bending rigidity. In contrast, solid-state
NMR yields accurate and detailed measurements of individual
order parameters for each carbon segment in the sample, giving
a larger set of data for structural determination. Additionally, the
membrane bending rigidity is accessible by supplementing order
parameter data with relaxation measurements.42

It is noteworthy that solid-state NMR studies probe
membrane deformation at a site-resolved or atomistically spe-
cific level, Fig. 4(a), allowing the emergence of bilayer material
properties to be investigated. Such parameters can be impor-
tant for the energetics of membrane lipid–protein interactions,
as described by a flexible surface model.8,43,220 In terms of
equilibrium properties, the mean-torque description of lipid
forces can be applied with osmotic stress methods that quantify
bilayer elasticity and deformation.26,221 Using our approach,
the statistical mechanics of chain conformations describe the
lipid confinement within the bilayer geometry. In experiments
that connect to atomistic-level interactions, bilayer restructur-
ing occurs in response to external forces underlying the osmo-
tic or hydrostatic pressure. Lipid membranes are nearly
volumetrically incompressible materials,161 yet they undergo a
significant diminution of the area per lipid (up to 20%) when
exposed to osmotic pressures in the range of 0–200 atm.26 This
reduction is compensated by an opposite increase in volumetric
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thickness, yielding a pronounced anisotropic deformation, as
described by Young’s modulus and the Poisson ratio (e.g., the
thickness can increase by as much as the projected length of
3–4 methylene segments).26 Furthermore, the intermolecular
interactions are significantly anharmonic—lipid bilayers can sus-
tain lateral compression to a far greater degree than expansion
(the lysis limit is only E 3–5%).

7.1 Dehydration and osmotic pressure methods for
determining membrane properties

Because the activities of membrane proteins underlie many key
cellular functions, the lipid bilayer matrix often tends to be
overlooked or neglected. In spite of that, recent insights point
to an important role of the soft membrane matter, including
both lipids and water.1,8,43,47,84,198,199,220 Establishing the
proper initial values and boundary conditions is essential to
validating molecular simulation outcomes. Here the area per
lipid gives a quantitative measure for connecting the average
membrane structure to protein-mediated functions of biomem-
branes. It is tied to elasticity parameters like the area elastic
modulus KA, and the area per lipid,24,60,72,158 which are central
to molecular simulations of biomembranes222,223 and lipid
bilayers.24,32,35,224,225 (Analogous curvature elasticity para-
meters are the Helfrich spontaneous curvature H0 and the
associated bending rigidity KC.) If we adopt the area per lipid
hAi at the bilayer interface with water24 as a structural
measure,26 the question then becomes: do membrane lipid
bilayers deform appreciably71,100,157 or not211 in response to
osmotic pressures in the biological range?

This question might appear as a simple, until one realizes that
lipid structural parameters are rather difficult to obtain from
experimental data.60 Indeed X-ray226 and neutron scattering2 are
often viewed as cornerstones for accessing positional correlations
at the molecular and atomic levels. For lipid bilayers in the fluid
state, however, the scattering peaks are broadened, or even sup-
pressed by pronounced membrane shape fluctuations.25 As John
Nagle et al.76 have insightfully discussed, a loss of resolution in the
reconstructed electron density profiles occurs. Under certain
conditions,227 the reconstructed electron densities appear insensi-
tive to applied osmotic stress. Even then, detailed consideration of
structural data entails fluctuation corrections indicative of strong
deformation over the whole range of osmotic pressures.228 In
addition, a scattering method (due to Luzzati160) that does not
use electron densities—and instead relies on accurate (gravimetric)
measurement of water content229—has shown a limited range of
deformation at high osmotic pressures. Yet the question of sample
inhomogeneity has bedeviled this particular method.100 Con-
sequently, knowledge of how lipid bilayer remodeling occurs in
response to external stresses is still rudimentary.

Deformation of lipid nanostructures under osmotic stress
entails the Gibbs dividing surface. In fact, the extent to which
lipid bilayers deform under external stress71,100,111,157 has long
been controversial. As water is removed from the interlamellar
space, how much of the work goes into reducing the membrane
separation, and how much goes into lipid bilayer deformation?
The question has persisted since the early work of Luzzati,160

and more recently Parsegian and Rand.50 Partly in conse-
quence, two schools of thought currently exist regarding the
bilayer deformations induced when multilamellar lipid vesicles
are subjected to osmotic stress. Either the bilayer deforms or it
does not—that is the question (to paraphrase a playwright).
What is more, for proteolipid membranes, the lipid bilayer
structural adaptations can change the hydrophobic matching at
the intramembranous protein surface; there is ample free
energy to alter the protein conformational equilibria.43,230

The question of bilayer deformation then becomes relevant to
lipid–protein interactions, wherein an energetic penalty is
incurred by hydrophobic mismatch between the lipid bilayer
and the hydrophobic protein surface.19,43,230–233

Let us now come back to the situation in Fig. 9(a), where a
dividing surface—either virtual or real, as indicated by the dashed
line—separates a polymer solution in equilibrium with the multi-
lamellar lipid phase. Such an arrangement can be achieved by
introducing a semipermeable barrier, such as a dialysis membrane.
Alternatively, as first recognized by Parsegian and Rand,215 one can
simply choose a polymer of sufficient size, which is excluded from
the space between the lipid membranes by the unfavorable entropy
loss. Because the osmolyte and lipid components are isolated and
do not mix, there is a virtual dividing barrier (Gibbs dividing
surface) that bisects the thermodynamic phases, as shown in
Fig. 9(a). One can thus approximate the ternary system as two
binary systems that interact solely through the osmotic pressure.
The first binary system is the lipid–water system, and the second is
the osmolyte–water system. The two binary systems compete for
water, defined as the common reference phase—hence we consider
the osmotic pressure of each system separately. At equilibrium,
their osmotic pressures become equivalent.

7.2 Deuterium NMR spectroscopy as a secondary osmometer
for lipid bilayers

In fact, surprisingly large changes occur in the solid-state
2H NMR spectra and derived order profiles for lipid membranes
in the liquid-crystalline state26 due to applied pressure, as
shown in Fig. 10. At left the 2H NMR spectra are shown for
freely suspended multilamellar dispersions of the representa-
tive phospholipid DMPC-d54 in the liquid-crystalline state
under different conditions of pressure, and at right the match-
ing order parameter profiles are plotted. In Fig. 10(a), at the
left, the deconvoluted (so-called de-Paked) 2H NMR spectra are
included for gravimetrically prepared DMPC-d54 samples,
where the water-to-lipid mass ratio is varied in a controlled
way. Inspection of the spectral peak positions demonstrates
that removal of water stresses the membrane, as shown by an
increase in the residual quadrupolar splittings of the acyl chain
resonances. Corresponding changes in the 2H NMR spectra are
seen when the water activity is controlled by exposure to
stressing polymer solutions containing polyethylene glycol
(PEG) of molar mass Mr = 1500 (PEG 1500). As first shown by
Mallikarjunaiah et al.,26 one can use the NMR instrument as a
secondary osmometer to establish the equivalence of the
osmotic pressure results with gravimetric dehydration pressure
data. Next, in Fig. 10(b) at the left, the de-Paked 2H NMR spectra
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of the liquid-crystalline DMPC-d54 samples are shown with
various PEG 1500 mass ratios. Clearly, there is a striking increase
in the RQCs as the concentration of osmolyte, or equivalently
osmotic pressure, changes from 0% PEG 1500 (NW 4 30) to
87.6% PEG 1500 (NW E 1.3). Further comparison to the results
of applying hydrostatic pressure101,234 is provided in Fig. 10(c),
which yields much smaller changes in the RQCs and the derived
order profiles. The influences of hydrostatic pressure on bilayer
deformation are discussed in further detail below.

The segmental order parameter profiles are directly com-
pared for DMPC-d54 as a function of gravimetric dehydration or
osmotic stress in Fig. 10(a and b), at the right. For phospholi-
pids in the liquid-crystalline (ld) state, the absolute segmental
order parameters decrease from the upper acyl chain plateau
position (C2–C4 carbons) to the terminus at the C14
carbon.21,23,26,120,156 The orientational constraint implicit in
the segmental order parameter characterizes how the polar
head groups effectively tether the lipids to the aqueous

interface. The plateau is due to the approximately constant
packing of the lipid chains, where their extension (travel) away
from the aqueous interface is favored by correlations among
various rotational isomeric states (e.g., trans, gauche+, gauche�).
Towards the central region of the bilayer, there is a drop in the
segmental order parameters due to the effects of chain termi-
nations; see Fig. 6(a) for a cartoon depiction. Because the chain
ends are statistically distributed, greater disorder of the surround-
ing groups fills in the free volume that would otherwise be present
in the bilayer core. Consequently, the hydrocarbon density is
maintained close to liquid hydrocarbon.114 Formulated as a
potential of mean force, the orientational potential energy is
greatest for the top part of the chains, near the aqueous interface.
The hydrocarbon interior of the membrane experiences the weak-
est ordering potential of the liquid-crystalline membrane.

Lipid dehydration and osmotic pressure have an underlying thermo-
dynamic correspondence. Based on the solid-state 2H NMR order
parameters shown at the right of Fig. 10(a and b), our findings
demonstrate both theoretically and experimentally that significant
bilayer deformation occurs with osmotic pressures in the range E
10–100 atm (1–10 MPa)—values well within the biological limits.26

The data clearly prove that significant changes in dynamical
structure occur as a function of osmotic stress.26 For DMPC-d54

in Fig. 10(a and b), the results indicate that 2H NMR spectroscopy
can establish the connection between the dehydration pressure and
osmotic pressure. Comparison of the segmental order profiles for
DMPC-d54 with PEG 1500 as the osmolyte to the values when it is
gravimetrically dehydrated proves the two approaches correspond
thermodynamically, as shown by Fig. 9(a and b). Removal of H2O
by either mechanism leads to an analogous variation of the
segmental order parameters.26

Further evaluation of the structural properties of lipid
bilayers under osmotic stress is afforded by using the mean-
torque model. With the above formalism, the average cross-
sectional area per lipid hAi, bilayer thickness DB = 2DC + 2DH,
and water spacing DW can be determined.26 The cross-sectional
area per lipid decreases from the fully hydrated value of 60.2 Å2

(NW E 20) to 50.2 Å2 (NW E 1.5) at 30 1C as the effective osmotic
pressure is increased, i.e., for both the gravimetrically dehydrated
and osmolyte samples. Overall, the area deformation is DhAi =
10 Å2, and represents a 17% contraction within the plane of the
lipid membrane. (We note that the absolute area compression is
greater than the area increase near the lysis limit, confirming the
bilayer shape change is significantly anharmonic.) Likewise, there
is a substantial alteration in the corresponding bilayer thickness.
The volumetric bilayer thickness DB varies between 43.6 Å
(NW E 20) to 48.8 Å (NW E 1.5), assuming a head group layer
thickness of DH = 9 Å. As a result, the bilayer deformation is DDB =
5.2 Å, giving a 20% extension of the hydrocarbon thickness 2DC

with clear implications for hydrophobic matching to membrane
proteins. The corresponding reduction of the interlamellar water
from NW = 20 to NW = 1.5 changes DW from 20.1 Å to 1.8 Å,
respectively. For the fully hydrated reference state, the D spacing is
63.7 Å, so the structural change represents a 20% contraction in
lamellar thickness. Hence appreciable structural remodeling of
lipid bilayers can occur due to osmotic stress.

Fig. 10 Solid-state 2H NMR spectroscopy and derived order profiles reveal
striking changes in lipid membrane structure in the liquid-crystalline (ld) state due
to applied external pressure: (a) gravimetric water control, (b) osmotic stress
caused by polyethylene glycol solutions, and (c) hydrostatic pressure. Bilayer
deformation under the three methods of applying pressure establishes the
anisotropic response of the material. Examples are shown of (left) deconvoluted
(de-Paked) 2H NMR spectra for unoriented multilamellar dispersions of DMPC-
d54 in the liquid-crystalline state at 45 1C (for y = 01 orientation of bilayer normal
to external magnetic field direction), and (right) corresponding segmental bond
order parameter profiles. Numerical labels indicate (a) the weight percentage of
water, (b) the concentration of osmolyte PEG 1500 (polyethylene glycol with
molar mass Mr = 1500), and (c) the values of bulk hydrostatic pressure applied to
the bilayer membrane system. Figure adapted from ref. 26 with permission.
Variation of segmental carbon–deuterium bond order parameters is due to
removal of water from the interlamellar space. Note that more pronounced
changes are observed in the case of osmotic and dehydration pressures as
compared to hydrostatic pressure.
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Elastic bilayer deformation is induced by application of osmotic
or hydrostatic pressure. Use of NMR spectroscopy as a secondary
osmometer also gives a basis for comparison to the effects of
hydrostatic pressure on bilayer deformation, as studied by Morrow
et al.,101 see Fig. 10(c). While the physical mode of action of the two
stressors is clearly different, their effects on membrane structure
are comparable. Osmotic stress relies on differences in water
affinities between lipids and osmolytes. Therefore, one can remove
water from the lipid phase with an appropriate concentration of
osmolyte. Yet the action of hydrostatic pressure in deforming the
bilayer is less obvious. As measured by 2H NMR, comparable
bilayer deformations occur at much larger values of the hydrostatic
pressure than for osmotic pressure. That is because osmotic
removal of water is more efficient than when it is caused by
material anisotropy.101 Because lipid membranes are highly
anisotropic,24 they deform unequally along the membrane normal
and in the membrane plane, even under the action of isotropic
hydrostatic pressure. In addition to Young’s modulus, the Poisson
ratio is involved (see below). (An isotropic and homogeneous
material will compress uniformly under bulk hydrostatic pressure,
while for an anisotropic material the deformation is characterized
both by Young’s modulus and the Poisson ratio.) Consequently,
hydrostatic pressure can either pull water away from the lipid head
groups (similar to an osmotic effect), or push water deeper into
the membrane (opposite to an osmotic effect). The membrane
thickness increases under the action of hydrostatic pressure (the
acyl chains become more ordered), which suggests that lipid
hydration is reduced. Other scenarios are possible, because at high
pressure one has to consider all the changes in molecular volumes
(including water),235,236 as White et al.237 have discussed.

In the way shown above, the NMR order parameters can connect
the influences of osmotic pressure to an equivalent dehydration
state.26 We have proposed that there is a unified interpretation of all
three pressure-based methods of lipid bilayer structural
perturbation.26 Here the 2H NMR order parameters give us the key
to unlocking the effects of pressure on lipid membranes. We recall
that a larger value of SCD indicates a greater bilayer thickness, with a
corresponding area reduction, and conversely. It is often said there is
no a priori relation between the effects of osmotic pressure26,100 and
hydrostatic pressure101 (the former pertains to an open system, the
latter to a closed system). However, solid-state 2H NMR shows that
osmotic pressure amounts to an equivalent hydrostatic pressure in
terms of changes in hydration. Calibrating the order parameters
versus the osmotic pressure of the stressing polymer solutions, we
are able to use 2H NMR spectroscopy to establish the correspon-
dence of the pressure-based measurements, as first shown by
Mallikarjunaiah et al.26 We are thus able to corroborate how the
restructuring by either osmotic or hydrostatic pressure amounts to
different hydration states of the membrane lipid bilayer.

7.3 Universality of hydrostatic and osmotic pressure in
membrane deformation

The effects of osmotic and dehydration pressures come into greater
synergy through matching the experimental order parameters.26,221

Both types of perturbation yield approximately the same order
parameters over the entire pressure range, although the influence

of hydrostatic pressure is clearly different. Significant bilayer
deformation occurs only at high values (E 100–1000 atm), see
Fig. 10(c). From the order parameters, we can then establish the
connection of hydrostatic pressure to osmotic pressure for systems
where the number of waters per lipid is known. Let us next
consider a model membrane composed of a single lipid type under
the action of an external physical field, such as osmotic or hydro-
static pressure. Experimentally, it is observed that the area per lipid
molecule at the aqueous interface changes. In the case of osmotic
pressure, the presence of a Gibbs dividing surface (Fig. 9) implies
the pressure field acing on the lipids is anisotropic. It affects
hydration, and thereby the interactions between lipid head groups
(plus the acyl chain segments close to the lipid–water interface).

But even then, how do we explain the changes in the area per
lipid due to hydrostatic pressure? Here the deformation along a
particular direction in space occurs under the influence of an iso-
tropic external field. The answer must rely on material anisotropy.238

By their nature, in membrane liquid crystals the lipid interactions
are anisotropic, because of the chemical composition and geometry.
Differences in compressibility along the bilayer normal and in the
membrane plane are generally described by the Poisson ratio. Three-
dimensional bulk compressibility is insufficient to describe lipid
membranes, as it fails to account for differential changes in the area
per lipid and bilayer thickness. By contrast, material anisotropy238

explains why the area per lipid is expected to change, not just with
osmotic pressure, but also under isotropic hydrostatic pressure.26

This viewpoint is informative in theoretical studies of lipid–protein
interactions, and also in setting up and testing atomistic MD
simulations.

Results of pressure-based methods for membrane lipids are
unified by the Poisson ratio. Accordingly, for the case of multi-
lamellar lipid dispersions in the liquid-crystalline state, Fig. 11

Fig. 11 Carbon–deuterium bond SCD order parameters from solid-state
2H NMR spectroscopy unify various pressure-based measures of lipid bilayer
deformation. Data are for freely suspended multilamellar dispersions of DMPC-
d54 lipids in the liquid-crystalline (ld) state at 45 1C. The 2H NMR order parameter
(plateau) |Splat

CD| values are plotted against pressure P applied in three different
ways: (triangles) hydrostatic pressure, (squares) osmotic pressure, and (circles)
dehydration pressure. Experimental order parameters are used to establish the
correspondence (see ref. 26 for details). Inset: Comparison of the same data
showing order parameters versus osmotic or dehydration pressure (P) or bulk
hydrostatic pressure (P). With 2H NMR spectroscopy as a secondary osmometer,
various pressure-based measurements collapse to a universal curve. Data are
from ref. 26.
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teaches us how their deformation using force-based approaches
can be explained using the Poisson ratio.239 Plots of the segmental
C–2H order parameters for the plateau acyl chain segments of the
DMPC-d54 bilayer in the liquid-crystalline (La) state are shown for
the three different ways of applying external pressure (Fig. 11).
Values of the 2H NMR plateau order parameters are graphed versus
hydrostatic pressure, as well as osmotic and dehydration pressures.
The inset shows the order parameters as a function of the actual
pressure values. But most striking, Fig. 11 shows that by using the
order parameters for the plateau acyl chain segments Splat

CD to scale
the pressures, we can collapse all the results to a universal curve.
The results are nearly superimposable—irrespective of whether the
structural changes involve gravimetric dehydration, osmotic pres-
sure, or hydrostatic pressure.26 A common set of elastic constants
(Young’s modulus and the Poisson ratio) explains the bilayer
deformation (strain) induced by an external force (stress) in all
three cases.26 In this way, solid-state 2H NMR spectroscopy unifies
the structural results for the different pressure-induced methods of
bilayer deformation.

7.4 Bilayer remodeling induced by osmotic stress

Clearly, the aqueous solvent is expected to behave nonideally in both
the multilamellar lipid phase and the osmolyte stressing polymer
solution (Fig. 9). According to classical thermodynamics,216,240

deviations from ideality are expressed in terms of an activity
coefficient for the aqueous solvent. For the two phases in
thermodynamic equilibrium, the common reference state is
pure water, with mW* as the chemical potential. In a binary
solution with water as the solvent, the chemical potential mW is
related to its activity aW by mW = mW* + RT ln aW. In addition, the
solvent activity is related to its vapor pressure by aW = gWXW,
where gW is the activity coefficient and XW = PW/PW* is given by
Raoult’s law. On the other hand, experimental measurements of
the solvent vapor pressure PW for multilamellar lipids are fraught
with difficulty.60,76,118 For lipid dispersions under osmotic stress,
we require very accurate vapor pressure measurements,71 with
the complication of a vapor pressure paradox100,228,241,242 that
has bedeviled investigators. Evidently, it is challenging to apply
vapor pressure osmometry to directly measure the aqueous
solvent activity of both the osmolyte phase and the multilamellar
lipid phase over the full range of interest.

Nonideality of solvent water corresponds to attractive and
repulsive interactions in polymer solutions. For an ideal solution,
it is well known that the osmotic pressure is given by the van’t
Hoff equation,

P = RT (n/V), (55)

where (n/V) is the molar concentration of the polymer solute. By
introducing a virial expansion of the solvent chemical potential
expressed using the solute concentration, the case of a nonideal
solution can also be treated, such that Raoult’s law is preserved
at infinite dilution. The resulting virial equation of state for the
osmotic pressure is given by

P ¼ RT
n

V

� 	
þ B0

n

V

� 	2
þ . . .

� 
; (56)

in which the leading term represents an ideal solution, and B0 is the
second virial coefficient. The solute activity coefficient is absorbed
into the virial coefficients that describe the nonideality.

Moreover, for various stressing polymer solutions, Parsegian
et al. have discovered that the osmotic pressure P obeys the
following universal equation of state243

P ¼ RT

Mm�vPN9=5

C

CN
�

� �
þ a

C

CN
�

� �9=4
" #

: (57)

Here C is the polymer mass concentration (typically in g mL�1),
Mm is the molar mass per monomer, �vP is the partial specific
volume of the polymer, N is the number of monomers in a
polymer chain, and CN* � 1/�vPN4/5 is related to the
N-dependent scaled polymer concentration.243 The first term
on the right corresponds to the asymptotic van’t Hoff limit,
eqn (55), appropriate to the dilute regime. The second term
represents the asymptotic des Cloizeaux limit244 for the osmotic
pressure in the semidilute regime, where the polymer chains
interpenetrate.245 Lastly, a is an adjustable parameter for the
crossover between the two limits.244 According to the above
scaling law, eqn (57), the osmotic pressure of a polymer
solution depends on the monomer concentration, but not the
chain length or polymer concentration (i.e., it is independent of
the molar mass of the polymer).245 In principle, the above
analytical formula243 allows us to extrapolate the osmotic
pressure beyond the experimentally accessible range, or to
interpolate between observed values. For applying the osmotic
stress technique117 the measured osmotic pressures are used
when available, rather than theoretically calculated pressures.
By utilizing experimental osmotic pressure data,50 the nonide-
ality of the stressing polymer solution is included, without
explicitly introducing the activity coefficient of the polymer
solute.240 The water activity can then be related to the polymer
solute activity by the Gibbs–Duhem equation. Explicit treat-
ment of the nonideality of the stressing polymer solution
(osmolyte phase) is thus effectively bypassed.118

Accordingly, Mallikarjunaiah et al.26 have used 2H NMR
spectroscopy as a secondary osmometer that enables one to
relate the experimental osmotic pressure P of the polymer
solution to the gravimetrically determined number (NW) of
water molecules per lipid. The idea of using 2H NMR spectro-
scopy allows the bilayer restructuring to be probed directly. We
can then divide the work of bilayer deformation into the work
of moving the bilayers apart, and the work of changing the
average cross-sectional area. When the osmolyte and lipid
solutions are in equilibrium, the water vapor pressure of the
two phases becomes equal, and the chemical potential of
the aqueous solvent in the two phases is the same. However,
the interactions giving rise to the nonideal behavior are different
in each case.

Properties of the aqueous solvent are affected by membrane
interactions. Let us now ask the question: how does one treat
the nonideality of water in the lipid phase? On account of the
repulsive and attractive forces, the water is expected to be
highly nonideal—that much is certain. For the lipid phase,
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the 2H NMR order parameters allow us to relate the osmotic
pressure exerted by the stressing polymer solution to the numbers
of waters of hydration. One can then connect the osmotic pressure
P to the activity of water in the lipid phase in equilibrium with the
stressing polymer solution (Fig. 9). Clearly, the chemical potential
of water mW in the lipid phase is not the same as the chemical
potential mW* of pure water. For the lipid phase, the nonideality
of the solvent water is attributed to the intermolecular forces
(including hydration forces, together with the repulsive forces
acting between the lipid molecules in the bilayer). Solid-state
2H NMR spectroscopy26 thus joins X-ray diffraction,118 micro-
pipette deformation,7,195 and the surface forces apparatus193 as
an experimental means of investigating bilayer membrane
forces. Because the solid-state 2H NMR method is inherently
atomistic, i.e., we observe atom-specific segmental order para-
meters, it acts as a bridge between the microscopic and macro-
scopic scales, giving added significance.

The excess free energy of the multilamellar lipids can be traced
back to the deviation of the aqueous solvent from Raoult’s law.
Knowing the water activity of the lipid phase yields a connection to
the osmotic pressure P of the stressing polymer solution. It allows
one to investigate the types and magnitudes of the bilayer forces
that govern the lipid self-assembly, as well as interactions with
membrane proteins and peptides. Nonideality of the aqueous
solvent is of considerable interest.246,247 The next question is:
how do we connect the nonideality of water in the lipid phase to
the polymer osmolyte solution? The answer is that the osmotic
coefficient is a measure of the nonideal behavior of water in the
lipids, as compared to water in the stressing osmolyte phase.
Introduction of an osmotic coefficient f describes systems where
measurement of the solvent vapor pressure may be challenging,
e.g., as in the case of lipid bilayers.26 By equating the solvent
chemical potential mW of the two phases in equilibrium, for a
multilamellar lipid dispersion, we can relate the nonideality of the
aqueous solvent to the bilayer forces. Repulsive interlamellar forces
can be investigated, as well as those acting between the lipid
molecules in the bilayer.

Osmotic coefficient relates nonideality of water in lipid phases
to the stressing polymer solutions. In this regard, we have
proposed the following equation of state26 to describe how
the osmotic pressure acting upon the multilamellar lipids is
related to the number of water molecules:

P ¼ f
RT
�VW

� �
1

NW
¼ f

kBT

vW

� �
1

NW
: (58)

Here vW = %VW/NA is the (partial) water molecular volume and
R = kBNA is the gas constant, so that vWNW = %VWnW, where NW is
the number of water molecules per lipid and nW is the water to
lipid molar ratio. With the above equation of state, f is the
osmotic coefficient,240 defined in terms of the solvent (water)
mole fraction XW by:

f = (mW � mW*)/RT ln XW. (59)

The chemical potentials mW* and mW refer to the pure water and
the aqueous solvent in the solution, and XW is the solvent
(water) mole fraction in the binary mixture containing either

the stressing polymer or the lipids. According to eqn (59), the
limits of the osmotic coefficient are f = 0, corresponding to
pure water (mW = mW*) and f = 1, representing ideal solvent
water. Because mW = mW* + RT ln(gWXW) for the solvent in a
nonideal solution, the osmotic coefficient f is related to the activity
coefficient gW through the equation gW = Xf�1

W . Significantly, the
above equation of state, eqn (58), has been tested empirically,26 and
the applied osmotic pressure P is found to scale with 1/NW p 1/nW

for the lipid systems studied (see below).
In eqn (58), the osmotic coefficient f is a measure of the

nonideality of the aqueous solvent, where f = 1 represents the
limit for ideal osmolytes, with purely colligative behavior.
According to eqn (47) and (51), we can solve for the osmotic
coefficient, and then rewrite eqn (58) to read

f ¼ PvWnW

kBT
¼ PRVW

kBT
¼

FRDW=2

kBT
: (60)

We now can see that the osmotic coefficient is just the ratio of
the separation work to the thermal energy. For fully disassociated
molecules, the kinetic energy corresponds to their translational
motions. Unless a restoring pressure is applied, the molecules tend
to move apart, e.g., to counter the repulsion (due to the osmotic
pressure). Hence the ratio given by the osmotic coefficient is unity.
Nonideal interactions due to attractive forces between the solute
molecules and the aqueous solvent—for either a polymer
solution or multilamellar lipids—lower the osmotic coefficient.
Conversely, repulsive forces between the solute and water give a
larger osmotic coefficient. We discuss these repulsive forces in
further detail below.

Lipid membranes are structurally remodeled by application of
external pressure. Biological membranes and lipid bilayers in
the liquid-crystalline state are known to be laterally com-
pressible7,71,76,201,248 materials. Removal of water from the lipid
head groups by osmotic stress increases the acyl chain order-
ing, and reduces the cross-sectional area per lipid;26 increasing
temperature exerts the opposite effect.249 Previous SAXS studies
of osmotic stress together with the Luzzati method116 have
been carried out by Parsegian and Rand,50,71 as well as Petrache
and Nagle et al.113,165,218 These authors have concluded that
lipid bilayers deform appreciably with osmotic pressures in the
range of 0.5 to 3.0 MPa (5 to 27 atm). Yet, McIntosh and
Simon111 have concluded from the lipid bilayer electron density
profiles that essentially negligible deformation occurs due to
osmotic stress. It appears that an alternative method is needed to
further distinguish these proposals.26 Solid-state 2H NMR spectro-
scopy is unparalleled in this context, Fig. 4(a), because of the highly
detailed structural information that it delivers about the hydro-
carbon region of phospholipid liquid crystals.21,23,66,93,120,131,156,184

The next step is to obtain the area compressibility of the
lipid film. Here we recall that the lateral tension is defined in
terms of the Helmholtz free energy as217

@F

@ Ah i

� �
T ;V ;nk

¼ g; (61)

or alternatively (qG/qhAi)T,P,nk
in terms of the Gibbs free energy,

where all symbols have their usual meanings. In the absence of
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osmotic pressure, the lipid bilayer is flaccid—it is not under
tension. Hence the area per lipid is at the equilibrium value.24

We can then write the volume of water associated with the lipid
head groups using eqn (47), which allows us to recast the
expression for the lateral tension g in eqn (50). Substituting
the relation DW/2 = %VWnW/hAi into eqn (50) thus gives

g ¼ �
�VWNW

Ah i

� �
P; (62)

where %VW is the partial molar volume of water at the bilayer
aqueous interface, and P is the osmotic pressure.

It follows that for a lipid surface film, the area compressi-
bility is defined as250

CA �
1

KA
� 1

hAi
@hAi
@g

� �
T

¼ �1
�VWNW

� �
@hAi
@P

� �
T

;

(63)

where KA is the area compressibility modulus. Because the
osmotic pressure is equal in magnitude on both sides of the
interface, this relation applies equally to bilayers. Integrating
the above equation over the applied pressure range, we can
recast our expression for the interfacial molecular area as a
function of osmotic pressure, which reads

hAi ¼ �
�VWNW

KA

� �
T

Pþ hAi0: (64)

Here hAi and hAi0 represent the average interfacial area per lipid24

at zero osmotic pressure (full hydration) at temperature T. Often we
can assume that %VW* = %VW, i.e., the partial molar volume is
approximately equal to the molar volume of pure water.

8. Elastic deformations of flexible
lipids by external forces

The above results imply that solid-state 2H NMR spectroscopy is
able to characterize the material anisotropy by measuring the area
per lipid hAi as a function of the applied pressure (either 2D
osmotic or 3D hydrostatic). Significantly, for multilamellar lipids
both the 2D bulk compressibility modulus (K>) and the area
compressibility modulus (KA) are accessible from hydrostatic or
osmotic pressure measurements. As mentioned above, the aniso-
tropic susceptibility of a material to external stress or pressure is
quantitatively described by the Poisson ratio,239 which is the ratio
between deformations in the membrane plane and deformation
along the membrane normal.251–255 The various moduli describe
the shape distortion of a unit cell of the membrane material. For
phospholipids, the area elastic modulus can be evaluated from
atomistic NMR observables, giving a direct comparison to the
results of macroscopic bilayer remodeling.7,256

8.1 Quantifying bilayer deformation using solid-state NMR
spectroscopy

Accordingly, equilibrium mechanics238 informs us that the 3D
bulk compressibility k for a deformable material can be divided

into its longitudinal (k8) and transverse (k>) components by

k ¼ kk þ k? ¼ �
1

DC

@DC

@P

� �
T

� 1

hAi
@hAi
@P

� �
T

; (65)

where P is the bulk hydrostatic pressure. In the above formula,
we identify the transverse (area) compressibility as

k? �
1

K?
¼ � 1

hAi
@hAi
@P

� �
T

¼ � @ lnhAi
@P

� �
T

; (66)

wherein k> is a 2D compressibility (elastic stretch) induced by
the 3D bulk pressure. The 2D compressibility is related to the
1D compressibility (extension) K8 via the Poisson ratio (see
above). Yet, the application of hydrostatic pressure101 does not
directly remove interlamellar water, in contrast to osmotic
stress.26,100 Hence the two approaches are not directly
comparable.26,215 It follows that the two area compressibilities
k> (� 1/K>) and CA (� 1/KA) differ, because the former does not
directly involve the work of removal of water. The chemical
potential mW is E constant, while the latter is due to removing
water from the lipid polar interface.

Biophysical properties of membrane lipids emerge from
atomistic-level interactions. Using solid-state NMR of freely
suspended lipid dispersions, the area elastic modulus (KA) is
then obtained over a substantial range of osmotic pressures.
Values of the moduli of compressibility100,221,232 or bending
rigidity42,257 as obtained from the atomistic 2H NMR observa-
bles are comparable with those acquired from micro- or
nanomechanics-based methods. Another important aspect is
that we can calculate the area elastic modulus KA over a
substantial range of bilayer deformation, obtaining results that
agree well with previous estimates.100,157,162 The convincing
agreement with the bulk values shows how quasielastic beha-
vior of the membrane lipids develops over strikingly short
length scales. The results indicate that collective bilayer proper-
ties formulated in terms of elasticity begin to emerge on the
order of the bilayer thickness, or even less.18

In Fig. 12 we summarize the remarkable changes in cross-
sectional area per lipid that occur for the DMPC bilayer when
osmotic pressure26,221 is varied. From these data for freely
suspended lipid dispersions, at temperatures above the
order–disorder phase transition temperature, the elastic area
compressibility modulus (KA) value is calculated as 142 �
30 mJ m�2 using the initial slope of the plot. This value is in close
agreement with the results obtained independently by Klaus
Gawrisch et al. (136 � 15 mJ m�2) using solid-state 2H NMR
spectroscopy,100 and by Petrache et al. (108 � 35 mJ m�2) from
SAXS measurements.165 Our experiments cover a much greater
range of osmotic pressures,26 however, and enable the theory to be
more accurately tested. By comparing the results from 2H NMR
spectroscopy with the material properties obtained from SAXS
studies, we are able to investigate how the Hookian elastic behavior
begins to emerge from atomistic-level interactions.
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8.2 Forces affecting structure and dynamics of lipid
membranes

As set forth above, the language of distribution functions is well
suited to membrane lipids in the fluid state, either as freely
suspended multilamellar dispersions or as aligned systems on
solid supports. The presence of water in fully hydrated bilayers
affects the interaction energies, and allows collective fluctuations
of the lipids to emerge. For membrane lipids, one expects a
continuum of bilayer disturbances, as Brown first discussed.18 They
range from long wavelength 2D undulations and 3D fluctuations
down to short length scales, on the order of the segmental

dimensions of the flexible lipid molecules.42,66,114,258 The
description of membrane lipids entails broad statistical dis-
tributions that include both local disorder, as well as collective
fluctuations.24,60,259 Lateral compression by osmotic stress
reduces larger length-scale 2D bilayer undulations, together with
shorter wavelength 3D quasielastic collective deformations.
Additionally, molecular protrusions into the aqueous interlamel-
lar space contribute to the local roughness of the bilayer surface.
One must thus investigate various regimes of interbilayer forces.
The interactions include entropic repulsions due to undulation
forces, which dominate the interlamellar pressure at large dis-
tances, as well as short-range entropic protrusion forces and
hydration forces at shorter distances (below 20 Å).

Our strategy is thus to capture information on lipid forces by
an experimental parameter (the osmotic coefficient f) that is
connected with the nonideality of the aqueous multilamellar
dispersion.26 According to eqn (60), the osmotic coefficient quan-
tifies the correspondence of the separation work to the thermal
energy. In the liquid-crystalline state, this nonideality manifests the
repulsive and attractive forces acting between the multilamellar
lipids, due to their collective fluctuations spanning a broad range of
time scales.18 Measurements of the osmotic coefficient inform us
about the types of molecular motions occurring over a range of
length scales, giving a new biophysical approach to investigating
membrane deformations. Such a combined thermodynamic and
structural approach helps to more fully understand the lipid
influences on key cellular functions.

Lipid fluctuations underlie the nonideality of water described by
the osmotic coefficient. Empirically, we can determine f by
relating the osmotic pressure to the number of waters per lipid
in the unit cell, using the order parameter profiles of freely
suspended multilamellar lipid dispersions.26 According to the
equation of state, eqn (58), a plot of the osmotic pressure versus
1/NW should yield a linear dependence, as shown in the inset to
Fig. 13 for a representative membrane lipid. This plot allows us to
obtain the osmotic coefficient f as an experimental observable. The
osmotic coefficient arises from nonideality due to the lipid
membrane, and depends on physical interactions in the system.
Theoretical models have considered various forces to describe the
lipid interactions. Those based on the electronic charge distribu-
tion include the long-range attractive van der Waals force, and the
electric double-layer forces (which are important for charged
lipids).6,260,261 Such long-range attractive interactions condense
the system, whereas the repulsive interactions of a shorter length
range affect the local structure (related to the repulsive pressure by
PR = FR/hAi). Here we consider a generalized treatment of the forces
among the neutral lipids in biomembranes.

Clearly an important question is the length scale over which
the continuum mesoscopic properties such as membrane
elasticity42,257,262 begin to emerge. In the above treatment of the
area elastic modulus, the effects of membrane undulations have
been neglected.7,106,263 Their contribution to the projected area that
might affect the calculation of membrane lateral compressibility is
estimated to be typically small,106 and is primarily manifested at
small applied tensions. At larger tensions, the wrinkling of the
membrane due to large-wavelength undulations is effectively

Fig. 12 Structural deformation of lipid membranes above the order–
disorder phase transition temperature is revealed by the anisotropic
response to external pressure. Variation of the cross-sectional area per
lipid hAi is shown as a function of pressure for multilamellar dispersions of
DMPC-d54 in the liquid-crystalline phase at 45 1C. The average area per
lipid hAi is obtained by applying the mean-torque model to solid-state
2H NMR data (cf. text). (a) Plot of hAi versus osmotic (squares) or dehydra-
tion (circles) pressure. The elastic area compressibility modulus KA can be
calculated from the slope. Analogous plots of hAi versus hydrostatic
pressure (triangles) yields K> as the 2D bulk compressibility modulus.
Inset: Percentage of the area work due to application of osmotic pressure
as in eqn (53) for DMPC-d54 (30 1C) obtained with solid-state 2H NMR
spectroscopy.26 (b) Corresponding semilogarithmic plots of hAi versus
osmotic (P) or bulk pressure (P). Data are from ref. 26. Note the 2D
compressibility k> (� 1/K>) obtained from hydrostatic pressure data does
not directly entail removal of water and differs from the 2D compressibility
CA (� 1/KA) obtained from osmotic pressure data. Anisotropic deformation
of a material under isotropic external stress is described by the Poisson
ratio (cf. text).
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stretched out. Previous work involving NMR relaxation dispersion
studies18 has indicated the membrane lipids undergo collective
order-director fluctuations (ODF) over a broad range of time and
distance scales.66,114 At shorter lengths, down to the nm scale and
below, 3D quasielastic fluctuations can occur on the order of the
bilayer thickness,42 with a cutoff on the order of the segmental
dimensions of the flexible lipid molecules.66,114 Additionally, the
lipids can undergo 2D collective undulation motions, spanning the
physical membrane dimensions up to mm distances.18,22,114 Such
collective excitations18,114 are also manifested in atomistic MD
simulations.88,264 Nonequilibrium molecular dynamics simulations
by Voth et al.265 agree with the above inferences, and show that
molecular models further predict material properties consistent with
linear response theory. By considering equilibrium states of the
membrane lipids under osmotic stress, one arrives at a similar
picture in accord with the fluctuation–dissipation theorem (FDT).
The properties as studied with solid-state 2H NMR spectroscopy are
derived from atomistic-level observables,18,22,23 and report on their
emergence from the molecular forces and potentials.

8.3 Membrane fluctuations and water uptake due to entropic
forces

Lipid membrane systems can be osmotically active because of the
significant occurrence of collective lipid motions, such as undula-
tions and order-director fluctuations, together with molecular
protrusions. It follows that osmotic stress can be used to explore
the associated repulsive forces in terms of the osmotic coefficient f
of the membrane lipid dispersion. Information is acquired about
the water-mediated membrane interactions in the liquid-crystalline
(ld) state, including the interlamellar forces as well as the repulsive
forces acting among the lipid molecules. The fluctuations can
range from collective 2D undulations, at distances greater
than the bilayer thickness, to 3D collective deformations at smaller
distances.66,114 Notably, a cutoff at about the segmental dimensions
corresponds to short-range protrusion forces between the
membrane surfaces at close apposition. Entropic forces due to
spatial confinement of the fluctuations give rise to repulsions
acting over the various length scales, which balance the long-
range attractions, and affect the mesoscale interactions and struc-
ture of the system. How can we further distinguish the different
regimes of the membrane lipid interactions?

Collective modes involving order-director fluctuations affect
lipid hydration. At relatively large distance scales (nm–mm), we
can model the membrane as a flexible surface, where the
collective motions represent wave-like undulations. The undu-
latory disturbances yield repulsive steric interactions between
the various lamellae. Following Helfrich et al.106,108 the repul-
sive pressure (PU) is given by

PU ¼
3p kBTð Þ2

128KCD3
: (67)

By introducing eqn (58) and (60), the osmotic coefficient can
then be written as

fU ¼
3pVWkBT

128KCD3
; (68)

where D is the lamellar repeat spacing, and KC is the modulus
of bending rigidity for a single monolayer.266 The squared
dependence on the temperature is the result of handling the
interaction as two thin entropic surfaces.266,267 Even so, this
approximation can fail when the membranes interact at short
distances, which includes the length scales observed by NMR
spectroscopy (e.g., when the water spacing is similar to the
hydrocarbon thickness).6

At low repeat spacings, the undulations depend on DW

instead of D as might be expected (there is an extra multi-
plicative numerical constant).106,108 For the DMPC bilayer, the
modulus of bending rigidity has been found201 to be E 0.6 	
10�19 J. Accordingly, we find that the theoretical osmotic
coefficient fU due to 2D undulations contributes just a few
percent of the measured value in Fig. 13. Because the undula-
tions are weak, it is likely they are suppressed under dehydra-
tion. Other models for undulations exist268 and yield stronger
repulsive forces at larger ranges. Collective fluctuations at
shorter ranges can occur, but with a different dimensionality
and number of degrees of freedom. Quasielastic 3D fluctua-
tions could possibly explain the variation in the temperature
dependence of the osmotic coefficient at higher and lower
hydrations. At smaller intermembrane distances (below 20 Å),
interactions on the order of the bilayer thickness come into
play,18 and can yield repulsive steric interactions between
the adjacent membranes (which have a similar temperature
dependence as undulations). Such quasicoherent motions of
the flexible lipids have been formulated as a continuum of
elastic 3D order-director fluctuations.18 Although purely undula-
tion forces are too weak to explain the experimental osmotic

Fig. 13 Forces acting on liquid-crystalline membrane bilayers at different
separations are captured by the osmotic coefficient (f). Variation of the
osmotic coefficient26 versus temperature is shown for DMPC-d54 multi-
lamellar dispersions in the liquid-crystalline (ld) state containing various
amounts of water. Values of the water to lipid molar ratio (nW = nW/L =
NW/L = NW) are indicated in the figure. The linear temperature dependence
of the osmotic coefficient at higher values of NW suggests entropic
undulation forces as the source of the nonideality.108 As NW decreases
the temperature dependence becomes weaker and the data converge
around 20 1C, near the melting temperature of fully hydrated DMPC-d54

(Tm = 20 1C). The inset shows the osmotic pressure P versus 1/NW for the
multilamellar lipid phase using eqn (58).26 Solid-state 2H NMR spectro-
scopy gives the variation of the osmotic coefficient (f) at different water
content and reveals different regimes of intermembrane forces.
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coefficients, collective motions with a different dimensionality18

may also contribute.
Short-range repulsive forces control hydration of the lipid

bilayer. For even shorter distances, the so-called hydration force
has traditionally been considered, which yields an exponential
distance decay,71,210,211,246

PH = C exp(�DW/l0). (69)

Using eqn (60), the corresponding osmotic coefficient can be
written as

fH ¼
CVW

kBT
exp �DW=l0ð Þ; (70)

where C is a constant and l0 is the characteristic decay length. By
fitting a decaying exponential to experimental data using
eqn (69), we can work out the repulsive force (analogous to
Fig. 13). For the DMPC-d54 bilayer, the decay length is found to
be l0 = 3.1 Å, which is close to the size of a water molecule.269

Still, a larger decay constant of l0 = 13.5 Å is found at 65 1C. The
inconsistency has sparked debate about whether the repulsive
force is due to the ordering of the water molecules, or yet another
type of force. An alternative is an entropic-based force that is
based on higher-dimensional order-director fluctuations, or
protrusions of the lipid molecules.6 Although an exponentially
decaying force fits the available data, the length scale only
matches the water dimensions near room temperature.

Difficulties with the hydration force bring us back to the idea
that the repulsive force comes largely from entropic confine-
ment, e.g., due to a distribution of membrane fluctuations.18,114

As Israelachvili and Wennerström have insightfully proposed,269

the entropic-based force acts at short distances, and originates in
protrusions of the flexible lipid molecules269,270 from the average
membrane plane. The repulsive steric interactions give a pres-
sure that can be calculated for low water spacings6 as

PP ¼
2rkBT
DW

: (71)

From eqn (60), the osmotic coefficient corresponding to the
protrusion force6 then reads

fP ¼
2rVW

DW
¼ 2rhAi; (72)

where r is the number density of protruding molecules per unit
area. For larger water spacing, the protrusion pressure reduces to
an exponential decay.271 As we dehydrate the membrane system
(smaller NW), Fig. 13 shows the osmotic coefficient becomes
nearly invariant as a function of the temperature. At 30 1C and
assuming an osmotic pressure of 27.7 MPa, we obtain an osmotic
coefficient of 0.258 and an average area per lipid of 48.1 Å2. The
density of protruding molecules is r = 0.268 molecules nm�2,
or roughly 1.3 protrusions per 10 lipids at any given instant.
This value is approximately an order of magnitude less than
the rough estimate271 of r = 2 molecules nm�2. Experiments
with polymerizable lipids272 under osmotic stress may also be
relevant in this context.

9. Flexible lipids in cellular membrane
function

With very few exceptions, lipid molecules work collectively in
large groups rather than individually. In this collective action,
molecular identity is often lost, and the synergistic material
properties become relevant. The collective action of lipids has
long been of interest—and not just from a biological perspective,
but also in soft-material science. For membrane lipids, solid-
state 2H NMR spectroscopy provides us with an unexpected
answer to the question of how structure is related to function:
material properties emerge at length scales comparable to the
bilayer thickness or even less.18,114 From spectral analysis and
force-based membrane deformation, we arrive at the same
conclusions as previously obtained by Brown from interpretation
of the lipid nuclear spin relaxation times at equilibrium.18,114

Simplified models yield the lipid properties in the context of
linear response theory—in either case the process entails the
same material constants.42,257,262 As a result, based on solid-state
2H NMR spectroscopy, we are now able to answer the questions
about lipid properties set forth at the beginning of this
perspective.

(i) For the distance scale over which the atomic-level many-
body interactions yield the continuum material properties, it is
on the order of the bilayer thickness or smaller. Measurements
of deformation by external stress show the material properties
are detected at the atomistic level of the flexible phospholipid
segments. This finding is both surprising and encouraging for
the applicability of all-atom MD simulations to the analysis and
interpretation of experimental data in terms of molecular force
fields.

(ii) The connection of the atomistic observables from NMR
spectroscopy to material properties of lipids is obtained cano-
nically from statistical mechanics laws. The orientational dis-
tribution function (i.e., the partition function) is formulated by
a lattice model as in polymer physics, or alternatively by a
mean-torque model used for liquid crystals. The relation to
fundamental theories allows for investigating the nanomaterial
deformations using spectroscopic data under the application of
an external force.

(iii) Lipid nanostructures show striking parallels to other
liquid-crystalline states of matter.89,90,273,274 Besides average
structural parameters, fluctuations of the lipids are described
by order-director fluctuations (ODF), as Brown first proposed
from nuclear spin relaxation studies.18 The continuum of
quasielastic bilayer disturbances supports application of the
fluctuation–dissipation theorem to lipid membranes based on
statistical physics.

(iv) At the mesoscopic length scale, both a discrete and a
continuum view are applicable. Yet for molecularly specific
models, putting aside undersampling and ergodicity, the con-
nection of force fields to macroscopic properties is less trans-
parent than in analytical theories. Further insights are made
possible by the confluence of experimental and numerical
approaches, in which lipid membranes are regarded as materials
with characteristic emerging properties.
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9.1 Soft membranes, nanotechnology, and lipid–protein
interactions

Besides proteins the cellular lipids and water—the soft matter of
cellular biomembranes—are clearly important.8,71 New discoveries
about the membrane interactions are obtained from combining
spectroscopic and thermodynamic approaches. The connection to
measurable properties such as the elasticity of thin membrane
films can then be established (e.g., in terms of hAi, DC, and KA for
planar bilayers, and H0, the Gaussian curvature, and KC for curved
nanostructures such as hexagonal and cubic phases).275,276 By
introducing experimental observables from solid-state 2H NMR
spectroscopy, we find that bilayers deform appreciably under
osmotic stress. Typical lipid membranes undergo area reductions
corresponding to increases in volumetric bilayer thickness of
E 20% for osmotic pressures in the range of 0–200 atmospheres.
The interfacial area deformation is significantly anharmonic—
the absolute area compression is substantially greater than for
expansion beyond the lysis value of E 3% at full hydration.26 It is
much easier for a bilayer to become thicker than thinner. The
values of the moduli of compressibility (and bending rigidity) from
the atomistic solid-state 2H NMR observables match those obtained
by treating the membrane as a continuum, as in micro- or
nanomechanics-based methods,7,140,277 like micropipette deforma-
tion140,256 or vesicle shape fluctuations.278 Collective bilayer proper-
ties emerge over very short length scales, on the order of the bilayer
thickness and even less.18,114

At a fundamental level, the variation of the bilayer
forces6,48,108,271,279,280 with distance illuminates their role in
membrane deformation.6,44,266 At large interlamellar spacings
(E 20 Å) undulations (2D) are operative; while at intermediate
separations, collective fluctuations (3D) occur (E 10 Å) on the
order of the bilayer thickness.18 In the limit of small spacings
(E 3 Å), protrusion forces6,271 or hydration forces227,246,270

occur as the bilayers are brought into close apposition. Notably,
the local microviscosity of the bilayer core matches that of
liquid hydrocarbon, as first proposed by Brown based on NMR
relaxation studies.18,114 Emergence of quasielastic collective
fluctuations on the order of the bilayer thickness and less18

has immediate relevance to protein–lipid interactions over
such length scales.1,8,46,47,199 Lipid bilayers exhibit collective
excitations ranging from long-wavelength undulation modes on
down to shorter wavelengths less than the bilayer thickness,
together with short-range protrusions of the flexible molecular
segments.18 Applicability of a continuum flexible surface model
(FSM)1 to lipid–protein interactions is supported at the meso-
scopic length scale, i.e., on the order of the bilayer thickness
and less.8

Intermolecular forces govern membrane deformation through
lateral pressures and curvature stress fields. Membrane structure
and assembly entail an intricate balance of attractive and repulsive
forces that are challenging to formulate explicitly.6,19,48 One
approach is to consider the atomistic-level forces acting on the
lipid and protein constituents by a lateral pressure profile43,281,282

as a function of depth within the bilayer,283,284 as discussed above.
The integral moments of the pressure profiles yield the continuum
properties of lateral tension, bending rigidity, and monolayer and

bilayer spontaneous curvature.1,59 Yet the lateral pressure profile is
not experimentally observable—it is invisible. One must rely on
computer simulations, as in the work of Klaus Schulten et al.223 An
alternative is to consider the elastic properties in terms of the
monolayer spontaneous curvature and the associated bending
rigidity, e.g., as formulated by the Helfrich Hamiltonian.62,285–288

A continuum picture based on differential geometry44 then informs
the properties of biomembranes, falling between the atomic or
molecular dimensions and the overall membrane size. The flexible
surface model1,8,43 describes how the curvature free energy
affects membrane protein activity,199,289,290 as for ion channels
and G-protein-coupled receptors.

9.2 Membrane proteins as sensors of bilayer stress

When considering how lipid interactions affect protein func-
tions,8,59,104 one naturally deals with the mesoscopic length scale,
i.e., falling between the bulk bilayer dimensions7,140,201,291 and the
atomistic or molecular length scale of the phospholipids.292,293

Protein–lipid interactions are at the forefront of current biophysical
thinking,8,73,183,198–200,294–300 yet they often are omitted in popular
descriptions like the fluid-mosaic model.301 In spite of that, the
ability of lipid bilayers to transduce physical deformations into
useful biological work remains as a challenging scientific
question.8,24,26,43,59,60,62,63,72,85 How can we gain added knowledge
of the forces underlying the lipid interactions with proteins,8,43,73

peptides,183,302,303 and cholesterol?1,221,304–306 As set forth here, the
understanding of how biomembranes carry out their functions
involves lipid bilayers as materials endowed with characteristic
physical properties.8,267,307 Examples of cellular functions that
involve lipid–protein interactions include membrane trafficking and
shape transformations, and receptor-based signaling, as in the case
of viruses like influenza, dengue, HIV, Ebola, and other pathogens.
Both lipids and proteins are major constituents of cellular
membranes, and it is necessary to recognize the effects of the
lipid bilayer59,199,301 as shown experimentally.43,73,199,271,308–310

Soft matter due to water and lipids plays key roles in membrane
structure and function. In addition to the membrane composi-
tion, is important to note that dehydration stress can cause
deformation of the area per lipid and hydrophobic thickness,
which can yield significant restructuring of the proteolipid
assembly. In fluid membranes, the bilayer remodeling due to
water amounts to changing the thickness by roughly four
methylene carbon segments—large enough for changes in pro-
tein activity to occur by hydrophobic matching.43,84,198,199,311–313

Altering the lipid hydrophobic thickness by 4 Å pays an energy
cost of about 3 RT per mole of lipids, assuming an average value
of 1.5 RT for the free energy of transfer of methylene groups from
hydrocarbon to water, e.g., see Tanford.314 Bilayer deformations
can thus shift the conformational equilibria of membrane pro-
teins, such as ion channels55 and GPCRs,8 involving only a few
RT per mole of protein molecules.1,8,31 Considering
rhodopsin85,199 or ion channels294,296 as examples, such a
description may offer a way to unify the diverse lipid influences
on membrane protein functions.8,43,85,220 In the area of nano-
technology, the fundamental principles44,48,66,315–317 of lipid
structure and dynamics can guide applications in industry,
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including surfactants,318–320 surface functionalization of paints
and coatings, drug delivery, and medicine. Understanding how
the physical properties of liquid crystal nanostructures emerge
from chemical composition in manufacturing likewise aids the
development of biocompatible materials. Tailored antimicrobial
coatings321 and controlled drug delivery can benefit from the
insights gained from lipid nanostructures, as well as interactions
of lipids with nucleic acids in lipoplexes and nucleolipids for
templated self-assembly.322 Just as inorganic materials have
revolutionized modern electronics, it is not only conceivable
but in fact likely that organic or lipid-based lamellar and non-
lamellar structures will become materials of choice in future
technologies.

9.3 Unraveling the secrets of soft membrane matter: where do
we go from here?

Recognizing the enormous variety of lipids and proteins,
attempting to understand cellular membranes at the molecular
level can deter even the most experienced investigators. Bio-
membranes are at the forefront of physical biology, inasmuch
as they are involved with energy transduction, cellular trans-
port, signal transduction, and sensory functions. As a result,
the collective role of lipid constituents is receiving increased
attention in membrane biophysics.59,66,323,324 The current
review is focused on experimental developments in solid-state
NMR spectroscopy that study the material properties of lipids
over multiple length scales. Knowledge of material parameters
(lipid packing density, membrane compressibility and defor-
mations, orientational freedom, diffusion of lipids) is vital for
understanding protein–lipid and DNA–lipid interactions, as
well the quantitative biophysics of cell membranes in general.
Our perspective combines the viewpoints on nano- and micro-
scopic structure of lipid membranes, overviews the advances
and possible descriptions on the mesoscopic level, as well as
presents the thermodynamic properties and methods. Struc-
tural, dynamical, and functional roles of membrane lipids are
central to understanding how soft matter (lipids and water)
affects the essential processes of life itself.151,173,325 Yet explain-
ing the lipid effects is not always so obvious as for membrane
proteins—it frequently requires modeling of the lipid assembly
by computer simulations at large scale,15–17,326 with constant
revision of force fields.10 Alternatively, the protein modes of
action are often considered physically as local events, in which
chemical specificity plays a major role: e.g., in structure-based
drug design involving membrane receptors, ion channels, or
transporters of metabolites. Going forward, understanding
functional lipid–protein interactions will require bringing
together both of these pictures. It will be interesting to see if
the lipid bilayer deformations observed with solid-state NMR
are involved in raft-like mixtures,304,305,327 as well as membrane
peptide133,328 and protein interactions. The combined experi-
mental and theoretical approach offers the key to explaining
the physics and chemistry of cellular membranes—topics
certain to capture the imagination of current and future
investigators.
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